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Abstract

Enzymatic bio-fuel cells transform chemical into electrical energy, with the help of enzyme modified

anode and cathode. Unlike traditional metal based fuel cells, they can employ sugars as fuel and can

be designed without anode and cathode separating membranes, which enables much simpler designs

and strong downscaling potential. They have therefore been suggested for powering transportable

micro devices and implantable sensors, where sugar and O2 are supplied by the host body. One of the

major remaining challenges is the achievable maximum power output of these systems, which in turn

depends on the specifications of anode and cathode.

Here, rational enzyme engineering of a promising oxidoreductase for anode modification, pyranose

dehydrogenase, was employed to increase achievable maximum current densities. The flavoenzyme

pyranose dehydrogenase from litter degrading basidiomycetes is an interesting candidate due to its

broad substrate specificity, capability of dioxidation, and inability of reducing O2 to H2O2. These

characteristics enable the use of fuels other than D-glucose and are potentially beneficial for bio-fuel

cell performance.

Pyranose dehydrogenase from Agaricus bisporus was heterologously expressed in this work and

compared to the three other reported recombinant pyranose dehydrogenases, to select the most

promising target for enzyme engineering. Agaricus meleagris pyranose dehydrogenase I was chosen

due to its generally moderately better catalytic efficiency and enzyme stability.

The posttranslational modification of protein N-glycosylation has been previously shown to be

disadvantageous for enzyme modified electrodes. Therefore, the rational engineering strategy was

based on reducing N-glycosylation by selectively knocking-out the N-glycosylation sites. A systematic

set of partially N-glycosylated Agaricus meleagris pyranose dehydrogenase I variants was tested on

Os-polymer modified graphite electrodes. Interestingly, knocking out the only apparently

overglycosylated site, the peripheral N252, did not create a variant with improved performance on Os-

polymer modified electrodes. The site N319, on the other side, could not be knocked out without

preventing functional recombinant expression in Pichia pastoris. However, electrodes based on the

variant N75G/N175Q yielded an approximately 10-fold increased maximum current density (290 µA

cm-2) compared to the equivalent electrodes with recombinant wild type enzyme. Agaricus meleagris

pyranose dehydrogenase I N75G/N175Q is therefore a promising candidate for application to future

enzymatic bio-fuel cell anodes. The reason for the improved current density was thought to be

interference of N-glycans at N75 and N175 with the electron transfer from the active site to the Os-redox

centres, as both sites are located near to the active site entrance.
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Zusammenfassung

Enzymatische Biobrennstoffzellen wandeln chemische Energie in elektrischer Energie um, mithilfe

von Enzym modifizierter Anode und Kathode. Anders als traditionelle Metallkatalysten basierte

Brennstoffzellen, können sie Zucker als Brennstoff verwenden und ohne Anode und Kathode

trennende semipermeable Membranen konstruiert werden, wodurch einfachere und stark

miniaturisierte Konstruktionen ermöglicht werden. Aus diesem Grund wurden sie für die

Energieversorgung von mobilen Miniaturgeräten und von implantierbaren Sensoren, wo Zucker und

Sauerstoff vom umgebenden Körper zur Verfügung gestellt werden, vorgeschlagen. Eine der größten

verbleibenden Herausforderungen betrifft die erreichbare maximale elektrische Leistung dieser

Systeme, welche wiederum von den Spezifikationen der Anode und Kathode abhängt.

Rationales Proteindesign wurde in diesem Werk an einer vielversprechenden Oxidoreduktase,

Pyranose Dehydrogenase, angewandt, um eine Erhöhung der maximalen Stromdichte zu erreichen.

Das Flavoenzym Pyranose Dehydrogenase, von Laub zersetzenden Basidiomyceten, ist ein

interessanter Kandidat aufgrund des breiten Substratspektrums, der Fähigkeit zur Dioxidation und da

es die Reduktion von O2 zu H2O2 nicht katalysiert. Diese Charakteristika ermöglichen die Verwendung

von alternativen Brennstoffen, abseits von D-Glucose und sind potentiell förderlich für die

Leistungsfähigkeit von Biobrennstoffzellen.

Pyranose Dehydrogenase von Agaricus bisporus wurde in dieser Arbeit rekombinant exprimiert und

mit den anderen 3 publizierten rekombinanten Varianten verglichen um die vielversprechendste Basis

für rationales Proteindesign zu identifizieren. Agaricus meleagris Pyranose Dehydrogenase I wurde

dafür, aufgrund der generell moderat höheren katalytischen Effizienz und Enzymstabilität,

schlussendlich ausgewählt.

Vorige Berichte zeigten bereits einen nachteiligen Einfluss von N-Glykosylierung, einer

posttranslationalen Proteinmodifizierung, auf Enzym modifizierte Elektroden. Deshalb wurde eine

rationale Proteindesignstratgie gewählt die auf der Reduzierung der N-Glykosylierung abzielte. Dies

wurde durch gezieltes eliminieren von N-Glykosylierungsstellen erreicht und ein systematisches Set

an partiell N-glykosylierten Agaricus meleagris Pyranose Dehydrogenase I Varianten wurde auf Os-

Polymer modifizierten Graphitelektroden getestet. Interessanterweise führte die Eliminierung der

einzigen überglykosylierten Stelle, N252, nicht zu einer Enzymvariante die auf Os-Polymer

modifizierten Elektroden höhere Stromflüsse erzeugte. Die Stelle N319 wiederum konnte nicht

eliminiert werden, ohne die funktionelle rekombinante Produktion des Enzyms in Pichia pastoris zu

unterbinden. Elektroden basierend auf der Variante N75G/N175Q hingegen zeigten eine ca. 10-fache

Steigerung der maximalen Stromflussdichte (290 µA cm-2) im Vergleich zu äquivalenten Elektroden

mit dem rekombinanten wildtyp Enzym. Agaricus meleagris Pyranose Dehydrogenase I N75G/N175Q
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ist somit ein vielversprechender Kandidat für Anwendung in zukünftigen enzymatischen

Biobrennstoffzellenanoden. Die verbesserte elektrische Stromdichte könnte durch die wegfallende

Behinderung des Elektronentransfers, zwischen aktivem Zentrum und Os-Redoxzentren, aufgrund der

fehlenden N-Glykane bei N75 und N175, begründet sein.
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Aim and scope

The oxidoreductase pyranose dehydrogenase was engineered for application to enzymatic bio-fuel

cells by targeting its N-glycosylation, with the aim of increasing achievable maximum current

densities with pyranose dehydrogenase/Os-polymer modified anodes.

In a first step, the most promising pyranose dehydrogenase variant was identified, as basis for rational

engineering. Chapter I reports the heterologous expression of pyranose dehydrogenase from Agaricus

bisporus and its comparison to the other three published recombinant pyranose dehydrogenases. As a

result, Agaricus meleagris pyranose dehydrogenase I was chosen for rational engineering. The

engineering strategy was based on parallel work by Yakovleva et al., where anodes modified with in-

vitro deglycosylated enzyme showed 2-fold increased maximum current densities. However, in-vitro

deglycosylation is an expensive additional step of enzyme preparation and affects all N-glycosylation

sites indiscriminately. As enzyme production in the non-glycosylating production host Escherichia

coli did not yield functional enzyme, knocking out N-glycosylation sites by site directed mutagenesis

was investigated as alternative. This allowed the production of partially N-glycosylated enzyme and

also the study of the role of the different glycosylation sites. In Chapter II, a set of variants with only

partial N-glycosylation was tested on graphite anodes for improved maximum current densities.

Chapter III was investigating the effect of the different N-glycosylation site knock outs in greater

detail. Overglycosylated sites and essential sites for functional expression were identified and the

impact of the knock out mutations on enzyme stability and catalytic efficiency was described.
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Introduction

Pyranose dehydrogenase: An oxidoreductase of the GMC structural family

GMC structural family

The so called glucose-methanol-choline (GMC) structural family of oxidoreductases was first

described by Cavener et al. [1]. It is a group of flavoenzymes, which usually oxidizes primary and

secondary alcohols to corresponding aldehydes or ketones [2]. Enzymes of the GMC family which are

oxidizing sugars are, among others, cellobiose dehydrogenase (CDH, EC 1.1.99.18), glucose 1-

oxidase (GOx, EC 1.1.3.4), pyranose 2-oxidase (P2O, EC 1.1.3.10) and pyranose dehydrogenase

(PDH, EC 1.1.99.29). Members with alternative substrates include alcohol oxidase (AOX, EC

1.1.3.13) and aryl-alcohol oxidase (AAO, EC 1.1.3.7) [3,4].

GMC oxidoreductases share a p-hydroxybenzoate hydroxylase (PHBH) like fold as common structural

feature [4,5], where an FAD binding domain is closely linked to a substrate binding domain [2,6,7].

The majority contains dissociable, yet tightly bound, FAD cofactors. However, some integrate the

FAD via a covalent 8α-N3-histidyl bond [2].

Pyranose dehydrogenase

Pyranose dehydrogenase (PDH, EC 1.1.99.29, Figure 1) is a secreted and N-glycosylated monomeric

fungal GMC oxidoreductase of a mass of 67-75 kDa with an N-Glycan content of around 7%. It has

been isolated from a number of basidiomycetes belonging to the family of Agaricaceae and

Lycoperdaceae. Those have in common to grow on lignocellulose rich litter [8–10]. Agaricus

bisporus, known as the button mushroom, was the first organism of which PDH was purified from

(AbPDH) [9]. Subsequently it also had been isolated from Macrolepiota rhacodes (MrPDH) [10],

Agaricus xanthoderma (AxPDH) [11] and Agaricus meleagris (AmPDH) [8] supernatant.

Substrate range and biological function

A broad range of non-phosphorylated sugars can be oxidized by pyranose dehydrogenases. All major

sugars contained in wood polysaccharides, among others D-glucose, D-galactose, D-xylose, L-

arabinose, as well as the di-saccharide cellobiose with its 1-4 β-glycosidic link, were catalysed at

comparable turnover numbers. PDH oxidizes positions C1 to C4, depending on the substrate and the
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enzyme variant. Also di-oxidation at C2 and C3, has been reported [12,13]. This sets it apart from

related enzymes like glucose 1-oxidase with its narrow substrate selectivity [14]. Other GMC

members, like CDH and P2O, which are more substrate promiscuous than glucose 1-oxidase, are still

more regioselectively oxidizing the substrate, targeting C1 or preferentially C2, respectively [15,16].

Subsequent to the reduction of the cofactor FAD via oxidation of sugars, electrons can be transferred

to quinones and metallo-complexes. These include 1,4-benzoquinone and some of its substituted

forms, as well as ferrocenium ion (Fc+), 2,6-dichloroindophenol (DCIP) and 2,2'-azino-bis(3-

ethylbenzothiazoline-6-sulfonic acid) cation radical (ABTS+). However, as a true dehydrogenase,

pyranose dehydrogenase does not utilize molecular oxygen as electron acceptor [8,9,11,12,17].

Figure 1: AmPDH1 crystal structure (4H7U) with FAD binding domain (GMC_oxred_N,
orange), substrate binding domain (GMC_oxred_C, turquois), non-conserved parts (grey),
co-factor FAD (yellow), the active site bases H512 and His556 (cyan), and FAD binding
His103 (pink) [18,19].

The biological function of pyranose dehydrogenase, expressed by this group of litter-degrading

basidiomycetes, is still not well understood. PDH cannot support lignin degradation via H2O2

formation, as was proposed for the related P2O, due to its extremely low rates of H2O2 formation

[12,17]. A role in the reduction of quinones, key intermediates of lignin degradation, was suggested

instead, analogue to the reduction by P2O [12]. This is thought to support degradation by preventing

repolymerization [20,21]. A proposed alternative biological function, for PDH and P2O, is the

neutralization of strongly antimicrobial quinones produced by plants. This could be achieved by
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reduction of quinones to hydroquinones, and thereby create a growth advantage for saprophytes such

as the native producers of PDH. An observed moderate stress-related induction of PDH expression in

Agaricus meleagris was in line with this proposed function [12,3]. A further indication for that

function is that Morin et al. found that known detoxification enzymes were overrepresented in general

in the genome of the PDH producer Agaricus bisporus, compared to other fungi [22]. Interestingly,

PDH and P2O, which have been suggested to serve these similar functions, appear to be mutually

exclusively expressed as no organism has been identified to date with both genes [10,3].

Structure

Unlike the related tetrameric P2O, of which many variants could be elucidated by X-ray

crystallography, structural information on PDH is limited to date to a single variant, Agaricus

meleagris PDH1 (AmPDH1). Tan et al. published its resolved structure (PDB: 4H7U, Figure 1) and

the structurally most closely related enzyme was aryl-alcohol oxidase (PDB: 3FIM). As expected from

a GMC structural family member it featured a PHBH-like fold with an FAD binding domain and a

substrate binding domain. Unlike most flavoenzymes, however, but similar to the related P2O, the co-

factor FAD was covalently bound to His103 (8α-N3-histidyl bond) [2,18].

Reaction mechanism

In the absence of elucidated crystal structures of PDH-substrate complexes, the reaction mechanism of

PDH was investigated by means of molecular dynamics simulation and study of active site variants. A

reductive half-reaction was proposed analogous to the one of P2O. There, the initial reaction step is a

proton abstraction from the substrate by a general base. The intermediate state is then stabilized by

that protonated base and a subsequent hydride transfer from the substrate to the flavin N5 is reducing

the co-factor. His512 and His556 (Figure 1 and 2) were suggested as possible catalytic bases for this half-

reaction [23,24]. Consequently, those two residues were investigated by site directed mutagenesis and

His512 was confirmed as the only catalytic base, as the variant H512A had a 105-fold decreased

catalytic efficiency with D-glucose. His556 on the other side was central to substrate binding, with a

110-fold decreased affinity of the variant H556A to D-glucose. By testing additional active site

variants of AmPDH1, nearby residues Val511, Tyr510 and Gln392 (Figure 2) were shown to play a role in

substrate binding as well [25].

Less is known about the oxidative half reaction of AmPDH1. It is also not fully understood why PDH

is a dehydrogenase, relying on alternative electron acceptors, while the related P2O utilizes dioxygen

as well. More fundamentally, the factors deciding if flavoenzymes are oxidases or dehydrogenases, in

general, remain unclear [17,26,27]. In the flavoenzyme family of vanillyl-alcohol oxidases (VAO), a

gatekeeping residue in the active site, stabilizing the C(4a) FAD adduct, was postulated to determine if

the enzyme is an oxidase [28]. A C(4a) adduct has been identified as reaction intermediate of P2O as
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well [29], where it is used in the formation of H2O2 [30]. Even though PDH is a dehydrogenase, its

only available crystal structure also featured a C(4a) adduct, which appeared to be stabilized by His512

and His556 (Figure 2). This was thought to have been an artificial radiation fragment but showed,

nonetheless, that the active site of PDH could accommodate this adduct [18]. One of the two active

site residues of P2O, which were found to influence oxygen reactivity substantially, was Asn593, the

analogue to AmPDH1 His556. The variant N593C had a 1700-fold reduced catalytic efficiency with

dioxygen but also a 2 to 22-fold decreased catalytic efficiency with alternative electron acceptors. The

other residue was Leu547, an analogue to AmPDH1 Val511. Replacing it by a positively charged

arginine reduced oxygen reactivity 100-fold, without negatively affecting its dehydrogenase activity

[27]. While P2O could be therefore shifted from its oxidase towards its dehydrogenase activity, the

opposite approach with PDH proved more challenging. In a site saturation mutagenesis study of active

site residues, only substitutions of His103, the residue covalently linking the cofactor FAD, could be

identified as improving oxygen reactivity. The variant H103Y had a 5-fold increased reactivity with

molecular oxygen compared to the wild type enzyme. This rate was still too poor to determine steady-

state constants, however [17]. Other active site variants created by site directed mutagenesis (Q392A,

V511F and H556A) were also shown to increase oxygen reactivity, but only by a factor of 2-4 [25].

Figure 2: D-glucose crafted into the active site of AmPDH1 (4H7U) [18] for oxidation of
C2. D-glucose coordinates were taken from structurally aligned Trametes ochracea P2O
(PDB: 3PL8) with bound D-glucose. From Graf et al, 2015. [25,23]

Expression of pyranose dehydrogenase

A broad range of Agaricales was successfully cultivated in static liquid cultures with detectable PDH

activity in the supernatant [10]. Initial characterization studies of AbPDH [9,31], AxPDH [11] and

AmPDH [8,32] relied on homologous expression in static cultures and subsequent purification of

secreted PDH from the supernatant. Especially cultivation of Agaricus xanthoderma and Agaricus
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meleagris for PDH production was slow and labour intensive (1.5-2 months). To improve volumetric

time yields and scalability of PDH expression, heterologous expression strategies were implemented

for PDH [33,34]. The first reported heterologous expression of a pyranose dehydrogenase was in a

fungal expression system. The gene pdh1 from Agaricus meleagris was expressed in a 2 L Aspergillus

niger suspension culture at a space-time-yield of 733 U L-1 d-1. The specific activity of purified

enzyme, 56 U mg-1, and its mass and extend of N-glycosylation were in agreement with properties of

the native enzyme [33]. Alternative recombinant expression systems based on bacteria or yeasts were

also tested as they could enable easier genetic manipulation than fungal systems. The bacterial system

Escherichia coli only yielded non-functional inclusion bodies but efficient expression could be

established with the methylotrophic yeast Pichia pastoris. At a 50 L bioreactor scale a space-time-

yield of 1,330 U L-1 d-1 could be achieved with a total amount of 13.4 g recombinant AmPDH1 after

purification. It had 80% of the specific activity of native enzyme but was observed to be

hyperglycosylated on SDS-page [34]. Another yeast expression system, Saccharomyces cerevisiae, is

prone to even greater hyperglycosylation (see chapter 2.3: Maturation in the Golgi yields a broad

variety of N-glycan structures), but enables further simplification of genetic manipulation compared to

Pichia pastoris. Krondorfer at al. used it for high throughput expression screening of AmPDH1

variants, whereas subsequent expression of selected AmPDH1 variants for purification and

characterization was then done in Pichia pastoris [17]. Other than AmPDH1, also AcPDH and AxPDH

have been previously functionally expressed in Pichia pastoris, even though to substantially lower

space time yields of 4.5 U L-1 d-1 and 55 U L-1 d-1 [35]. In this work, functional expression of an

additional variant, AbPDH, was reported for the first time.

Potential applications of pyranose dehydrogenase

Bioconversion

Pyranose dehydrogenase was suggested as an alternative for P2O in bioconversion reactions of sugars.

Oxidation of D-galactose to 2-dehydro-D-galactose, is the first of two steps towards redox-

isomerization to D-tagatose, which is sold as low caloric and prebiotic sweetener [36]. This reaction is

catalysed by P2O only at a poor catalytic efficiency [12,37]. For PDH however, D-galactose is among

the preferred substrates. Bioconversion to 2-dehydro-D-galactose, at a 400 ml scale, was achieved

within 3.5 h to quantitative yields and with no detectable side products. 110 U of AmPDH1, 1,4-

benzoquinone as electron acceptor, and Trametes pubescens laccase for its enzymatic regeneration,

were used in this system [8]. An alternative process that has been suggested is the conversion of D-

lactose to lactobionolactone and 2-dehydro-lactose, via C1 and C2 oxidation, respectively. The

substrate D-lactose is a major by-product of the dairy industry, and while other enzymes have been
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reported to catalyse its C1 oxidation, PDH was the first reported enzyme to oxidize its C2 position,

yielding 2-dehydro-lactose. This is an intermediate during further conversion to the higher value

prebiotic sugar lactulose, which is used for treatment of constipation. None of the screened PDH

variants showed exclusive selectivity for C2, however, and lactobionolactone was found as side

product, which would need to be separated [12,38].

Enzymatic biosensors

One of the challenges for PDH in bioconversion systems is its incapability of utilizing molecular

oxygen, hence the need for an additional electron acceptor regeneration system. In electrochemical

applications however, where PDH is used for catalyzing the anodic half-reaction, this feature is a

valuable advantage. Almost no reactivity with molecular oxygen means little to no generation of

enzyme damaging H2O2 and also prevents that electrons are transferred to molecular oxygen instead of

the electrode [12,17]. Therefore recent studies have focused on use of PDH in enzymatic bio-fuel cells

and biosensors.

A biosensor is a device which selectively quantifies a specific substance in a matrix, like water or

blood. It contains a biological recognition element which selectively senses the substrate in a

quantifiable manner. Subsequently, an adjacent transduction element transforms for example the

catalytic conversion event into a quantifiable physical signal [39], whereby the resulting signal needs

to be proportional to the substrate concentration in the sample [40]. A large variety of different

biosensor concepts exist, one of them is an amperometric biosensor where the sensing element is a

catalytically active oxidoreductase immobilized on an electrode. In this case, the current of the

electrode is measured, upon exposure to the sample liquid while a set potential is applied. Catalytic

current is generated by the enzyme oxidizing the substrate and transferring the garnered electrons to

the anode [41,42]. Three generations of biosensor designs are differentiated based on how this electron

transfer is realized. In 1st generation biosensors a natural redox mediator of the enzymatic reaction,

commonly O2 or H2O2, is sensed at the electrode surface. The downsides of this approach are

disadvantageous working electrode potentials which are needed for oxidation of H2O2, or reduction of

O2, and a signal which is influenced by the concentration of available molecular oxygen. These issues

were resolved in 2nd generation biosensors where artificial electron mediators, with an optimized redox

potential, are employed, which are recycled as they transfer the electrons to the electrode surface.

Initially those were also freely diffusing substances but modern designs often use redox polymers

anchored to the electrode to prevent leaching and dilution of the mediator. 3rd generation biosensors

are the latest concept. Unlike the former two designs they do not rely on mediated electron transfer

(MET) but on direct electron transfer (DET) from the enzyme’s cofactor to the electrode surface

through electron tunneling. To achieve this, the cofactor has to be in very close proximity to the
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electrode surface and only a limited number of enzymes are therefore capable of direct electron

transfer [41,43–45].

The largest market for enzymatic biosensor today is rapid blood-glucose determination in diabetes

treatment. These biosensors are commonly based on highly selective glucose oxidase [46]. With its

substrate promiscuity [47], PDH is not suitable for measuring single specific sugars selectively, like

those blood-glucose biosensors. Instead, in a recent PDH based biosensor, an AmPDH1 modified

carbon paste electrode (Figure 3), with DCIP as electron mediator, was employed to measure cellulase

activity and study activity loss over time. Previously reported CDH based sensors were challenged by

the variability of cellulase products due to mutarotation of the product molecules. Those sensors could

only detect product in the β-anomeric but not in the α-anomeric form. As AmPDH1 was shown to be

anomerically unspecific, it was not affected by this limitation and therefore commended for use in

steady state kinetic measurements of cellulases [48,49].

Figure 3. Schematic view of AmPDH1/DCIP biosensor for detection of cellulase reaction
products, from Cruys-Bagger et al. (2014) [49].

Enzymatic bio-fuel cells

Like enzymatic biosensors, also enzymatic bio-fuel cells employ electrodes with immobilized

enzymes. The aim is however not to measure a substrate concentration but to transform chemical

energy into electricity [41]. Akin to traditional fuel cells, enzymatic bio-fuel cells consist of a fuel

oxidizing anode and an oxidant reducing cathode. These reactions are however not catalysed by non-
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selective catalytic metals but by substrate selective biocatalysts in form of enzymes [50]. The concept

of an enzymatic bio-fuel cell is illustrated by the example in Figure 4. Enzymes are immobilized on

inert electrodes. Fuel, in this case D-glucose, is oxidized at the anode and molecular oxygen is reduced

to water at the cathode. As in biosensors, electrons are transferred between cofactor and electrode

surface either directly (DET) or mediated by redox mediators (MET) [50,51].

Figure 4. Schematic view of a glucose/O2 enzymatic bio-fuel of Ó Conghaile et al.
(2016). A deglycosylated AmPDH1/Os-polymer/multiwalled carbon nanotube modified
graphite electrode served as anode and a Myrothecium verrucaria bilirubin oxidase/gold
nanoparticle modified gold electrode as cathode. Based on Ó Conghaile et al. (2016) [51].

Key parameters for the performance of such systems are open circuit voltage (OCV), maximum

current density and maximum power density. The OCV is the highest possible cell potential, which is

achieved in the absence of current. The highest theoretical OCV of a sugar based enzymatic bio-fuel

cell is 1.18-1.24 V at 298 K. The real OCV is lower due to ohmic losses as well as limitation of mass-

transfer and electron transfer rates, and rarely higher than 0.5 V [50,52]. In practice, the OCV depends

on the difference between the midpoint potentials of the anodic and cathodic enzyme cofactors or

redox mediators. Enzyme cofactors and redox mediators for the anodic half reaction should therefore

feature a low, and those for the cathodic half reaction a high, midpoint potential. Bio-fuel cell

performance can be visualized in form of polarization and power density curves as shown in Figure 5.

Higher current densities lead to lower cell voltages (Figure 5A) but, up to a point, also to higher power

densities (Figure 5B). The optimal conditions, which yield the maximum power density, are a

compromise between cell voltage and current density [53].

oxidized
product
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Figure 5. Schematic polarization curve (A) and power density curve (B). From Meridith
and Minteer (2012) [53].

Commonly used enzymes for enzymatic bio-fuel cells have been glucose oxidase and glucose

dehydrogenase for the anodic, and bilirubin oxidase and laccase for the cathodic half reaction [54].

The choice of suitable enzymes depends on numerous characteristics, besides their midpoint potential.

Substrate specificity, catalytic efficiency and oxidation pattern are central aspects [50,53,55], as they

influence which fuels can be used efficiently. Equally important is the question how the enzyme can

be “wired” to the electrode and if direct electron transfer is possible or mediated electron transfer

strategies have to be chosen [54,56]. A feasible bio-fuel cell design furthermore needs enzymes with a

high stability and low production costs. Enzymes also need to work efficiently at mild pH and ambient

temperatures, which are regularly chosen operating conditions [53]. Moreover, they should not be

inhibited by commonly present electrolytes such as chloride [56], and no disadvantageous side

reactions should occur, such as production of enzyme damaging H2O2 [34,57].

As mentioned before, enzymatic bio-fuel cells have the advantage of operating with sugars, or other

organic compounds as fuel, at generally mild conditions. This commends them as an implantable

energy source, as glucose and oxygen are widely available in the human body. Initially they were

therefore considered for powering artificial hearts or cardiac pacemakers where they could, however,

not compete with batteries. The main challenges were limited power densities, low cell voltage and

operational stability [52,58,59]. More recent progress in nanobiotechnology, however, revived

research for implantable applications. With novel strategies of “wiring” enzymes to electrodes,

mediated electron transfer could be established without freely diffusing redox mediators.

Consequently no semipermeable separator was necessary anymore, to prevent interference between

anode and cathode [60]. Thus, membraneless enzymatic bio-fuel cell designs became possible, setting

them apart from separator dependent metal catalyst based fuel cells and batteries, and enabling

simplified designs and strong miniaturization potential [50,59,61,62]. Numerous methods of “wiring”

enzymes to electrodes have been developed. These include immobilizing the catalytically active

enzyme in hydrogel forming redox-polymers (Figure 6A), and adsorbing enzyme to carbon nanotubes

or other inert but conducting nanomaterials (Figure 6B) [56]. Hydrogels with high electron diffusion
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rates were developed based on Os-polymers. There, Os-complexes with tailored redox potentials were

covalently linked via a long spacer to the polymer backbone to act as mobile, yet anchored, electron

mediator [59,63]. Carbon nanotubes on the other side have become popular electrode surface

modifications for both, mediated and direct electron transfer, in current enzymatic bio-fuel cell

research due to their large surface area, high conductivity and formation of porous layers [64].

Figure 6. Electrode designs for enzymatic bio-fuel cells. (A) Redox-polymers form a
hydrogel, immobilizing the enzyme within, while also acting as redox mediators.
Substrate and product can diffuse through the hydrogel. (B) Immobilization of enzyme on
carbon nanotubes or other nanomaterials, with or without redox-mediators. From Willner
et al. (2009) [56].

Based on these progresses in electrode design, miniaturized enzymatic bio-fuel cells were suggested

for application as a power source for sensor-transmitters implanted for a few weeks [59]. A number of

prototypes have been implanted since then in rats and other living animals, employing DET and MET

concepts [52,54,65–69]. One of those prototypes, consisting of two enzymatic bio-fuel cells,

implanted in separate lobsters, and connected in series, could power a digital watch [52]. The major

challenge of biocompatibility and operational stability was not taken into account in this preliminary

proof of concept however. To address the issue of biocompatibility, Zebda et al. designed a

compressed enzyme/carbon nanomaterial based bio-fuel cell packaged in a dialysis membrane,

supported by a perforated silicon tube and sutured into a biocompatible Dacron® bag. The dialysis

membrane served as barrier against diffusion of electrode material into, but also against potentially

damaging macromolecules from, the host body. The Dacron® bag ensured biocompatibility of the

implant. Maximum power density, tested 6-8 d after surgery, was 194 µW cm-2 and the OCV was 0.57

V. This was enough to power a digital thermometer but due to wire breakage the fuel cells stopped

being operational after around 9 days [65].
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Further progress in the creation of biocompatible electrodes was achieved by developing diffusion

optimized genipin cross-linked chitosan barriers, replacing the dialysis membrane. This barrier

minimised inflammatory response in the initial two weeks and it was successfully integrated in the

host body, still intact and not degraded after 167 d in vivo [70].

These examples show the considerable progress of early implantable enzymatic bio-fuel cell

prototypes in recent years, based on novel materials and improved electrode design and implantation

strategies. However, these implanted bio-fuel cell prototypes are mostly based on glucose

dehydrogenase or glucose oxidase as anodic enzymes [54] and coulombic efficiency of those two

enzymes is low. They harvest only 2 electrons per D-glucose molecule [55], which is 1/12 of the

electrons gained from complete oxidation of D-glucose to 6 CO2. Moreover, while implantable

applications, and therefore D-glucose as fuel, have been the focus of much of the current enzymatic

bio-fuel cell research, also non-implanted applications have been suggested. With a potential power

output in the µW to 10 mW range [71] enzymatic bio-fuel cells could be used to power small portable

electronic devices. For these applications also alternative fuels, such as cellobiose, lactose or maltose

could be used [53]. In those cases an alternative to glucose oxidase is needed with its narrow substrate

selectivity for D-glucose [14]. Pyranose dehydrogenase (E°’ (pH 7) = +92 mV) [25] with its broad

substrate range, including D-glucose, and its capability of harvesting 4 electrons per sugar molecule,

attracted attention as an alternative candidate [12,13]. Another advantage of PDH over glucose

oxidase is its almost complete lack of disadvantageous H2O2 formation [17].

Due to PDH’s capability of dioxidation, one venue of research focused on improving coulombic

efficiency. Increasing it by oxidizing multiple C positions of D-glucose could substantially improve

fuel efficiency of enzymatic bio-fuel cells. Therefore bi-enzymatic bioanodes were studied, combining

a C1 oxidizing enzyme and AmPDH1, which is capable of di-oxidation of C2 and C3 of D-glucose

[55,72,73]. An optimised membraneless glucose/O2 bio-fuel-cell with increased maximum current

density and fuel efficiency was consequently reported by Shao et al. It was based on an

AmPDH1/Corynascus thermophilus CDH dehydrogenase domain C310Y/Os-polymer modified graphite

anode and a Myrothecium verrucaria bilirubin oxidase modified graphite cathode. This bio-fuel cell

achieved a maximum power output of 20 µW cm-2 at 300 mV cell voltage with 5 mM D-glucose in

physiological buffer. Up to 6 electrons could be garnered per D-glucose molecule, and in presence of

limited fuel, half-life of the mixed bio-fuel cell was increased 2-fold compared to an analogously

designed single enzyme anode bio-fuel cell [74].

Another focus of research was on improving bioanode performance by using in-vitro deglycosylated

enzyme for modification (see also Chapter 2.3: Enzyme performance can be improved by preventing

or removing N-glycosylation). Based on research with in-vitro deglycosylated AmPDH1 [75–77], a

glucose/O2 bio-fuel cell (Figure 4) could be constructed with 10-fold maximum power output
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compared to an analogue bio-fuel cell with glycosylated AmPDH1. It consisted of a deglycosylated

AmPDH1/Os-polymer/multiwalled carbon nanotube modified graphite anode and a Myrothecium

verrucaria bilirubin oxidase/gold nanoparticle modified gold cathode. At a cell voltage of 300 mV it

achieved a maximum power output of 73 µW cm−2 in whole human blood and 275 µW cm−2 in PBS

buffer with 5 mM D-glucose [51].

Although enzymes are such a central component of enzymatic bio-fuel cells, surprisingly, genetic

engineering of enzymes has been rarely used for optimizing bio-fuel cells performance so far. Among

the few reported examples are engineered cellobiose dehydrogenase [74,78] and pyranose 2-oxidase

[37,79]. And in this work, rational engineering of AmPDH1 for partial N-glycosylation was explored

for improving maximum current densities of PDH modified anodes.

N-glycosylation: Function and engineering potential

Understanding the role of N-glycosylation is the basis for engineering it. Like the majority of

eukaryotic protein species, all known pyranose dehydrogenases are glycosylated [12,80]. Hereby,

glycan groups are covalently attached to a protein [81], whereas 90% of the well characterized

glycoproteins featured the asparagine (N) linked glycosylation type [80].

This chemically complex modification is serving a broad variety of biological functions. N-glycans are

thought to influence protein folding by stabilizing local conformations, increasing the polarity, and

limiting conformational freedom. Also a central role of N-glycans has been reported in the quality

control mechanisms of protein folding in the ER and subsequent addressing towards translocation,

secretion or degradation [82]. In the final protein N-glycosylation can improve thermostability and

solubility and protect from proteolytic digest. Also cases of negative, and less commonly positive,

influence of deglycosylation on catalytic activity of enzymes have been reported. N-glycans are

furthermore important modulators of receptor binding affinities [82–85]. In higher organisms

glycoconjugates such as N-glycans have been shown to influence cell morphology and cell

developmental events. Moreover, cell adhesion and the immune system depend on them. [86–88].

Core oligosaccharides are pre-assembled and transferred to Asn within N-X-S/T sequons

As diverse as its biological functions are, as complex is the process of N-glycosylation itself. It starts

with the dolichol-pathway where core oligosaccharides are formed at the ER membrane and

transferred to N-glycosylation sites of newly synthesized peptide chains as they enter the ER. Those

core glycans are then modified further in the ER and also in the golgi apparatus [88]. The core
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oligosaccharides are highly conserved in eukaryotic cells and are assembled by membrane bound

glycosyltransferases in a bi-compartmental process with dolichol as membrane carrier for the

oligomer. Man5GlcNAc2 is formed on the cytosolic side of the ER membrane, translocated to the

inside and completed to Glc3Man9GlcNAc2 (Figure 7) [82,89].

Figure 7. Core oligosaccharide transferred by oligosaccharyltransferase (OST) to the Asn
of N-glycosylation sites, consisting of N-acetylglucosamine (GlcNAc), D-mannose (Man)
and D-glucose (Glc). GlcNAc “a” is covalently linked to the Asn. Cleavage sites of
selected glycosidases in the ER are shown. From Tannous et al. (2015) [90].

Oligosaccharyltransferase (OST) scans the translated peptide chain as it enters the ER for N-X-S/T

sequons and attaches a core oligosaccharide via N-glycosidic bond to the Asn [82]. Whereas, X in the

sequon can be any amino acid but proline. Glycosylation of asparagine, with amino acids other than

serine or threonine in position +2 are the exception, although some cases have been reported in recent

years. While the presence of the sequon is important, it is not sufficient for covalent linkage of glycans

to Asn (N) [81,91–93]. The modification efficiency also depends, among others, on neighbouring

amino acids, the location of the sequon in the gene [94], the rate of protein folding and the availability

of precursors and glycosyltransferases [82]. It has been predicted that about 2/3 of the sequons are

modified [80].

N-glycosylation enhances and regulates glycoprotein folding in the ER

While not all N-glycosylation sites of a glycoprotein are required for efficient expression, some were

shown to be essential [95]. N-glycans have been suggested to promote protein folding directly by
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stabilizing local conformations. Also, interactions between N-glycan and peptide chain were reported

to help in the formation of β-turns which are thought to act as folding nuclei [96,97,82].

Figure 8. Stages of N-glycan trimming in the ER and their signal function in protein
folding and quality control. From Aebi et al. (2010) [98].

Oligosaccharides are also acting indirectly on protein folding as signals for chaperons and folding

quality control which depend on subsequent trimming events of peptide chain linked N-glycans in the

ER [90,98] (Figure 8). The terminal glucose residue is removed immediately after the transfer of the

oligosaccharide to the protein [99]. The resulting N-glycan can be recognized by malectin [100], a

lectin in higher eukaryotes, that is expressed under ER stress and thought to identify terminally

misfolded proteins at an early stage [101].

Removal of the second glucose enables association of the glycoprotein with the ER chaperons

calnexin and calreticulin [102–105] which bind to monoglucosylated N-glycans and facilitate protein

folding. Other assisting proteins can associate with calnexin and calreticulin and are catalyzing the

formation of disulfide bonds (disulfide isomerases; PDI family) or conformational changes in

peptidyl-prolyl bonds (peptidyl-prolyl isomerases; PPI family) [90,106–108]. This

calnexin/calreticulin assisted folding ends with the removal of the third glucose residue. The

glycosyltransferase UGT1 acts as folding sensor and can detect proteins which retained a non-native
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fold. By adding again a single glucose to the N-glycan it can initiate another round of the

calnexin/calreticulin cycle. [102,109]. However, not all eukaryotes feature this mechanism. Among

yeasts, Schizosaccharomyces. pombe expresses under stress conditions a homologue to UGT1, but the

model organism Saccharomyces cerevisiae does not [110,111].

Trimming of α1,2-mannoses (figure 7 and 8) is a timing mechanism to prevent endless folding

attempts of terminally misfolded proteins and to eventually direct them to the ER assisted degradation

pathway (ERAD) [112–115]. Proteins targeted by lectins to the ERAD machinery are ubiquitinated by

E3 ubiquitin ligases like HRD1 and translocated to the cytosol where they are finally degraded by

proteasomes [115,116]. Glycoproteins with correct conformation and high mannose N-glycans (Man7-

9GlcNAc2) however, exit the ER and are transported to the Golgi [90,115,117–119].

Maturation in the Golgi yields a broad variety of N-glycan structures

Although most folding quality control events take place in the ER, some have been described in the

Golgi as well [120]. Moreover, N-glycans are processed to their final form in the Golgi. Unlike the

trimming events in the ER, those modifications are less conserved however, leading to distinct

structures. High-mannose, hybrid and complex type are the major groups of mature N-glycan

structures (Figure 9). Higher eukaryotes feature all three types but more commonly have glycoproteins

with hybrid and complex N-glycans. The latter are formed from core oligosaccharide by trimming

back to Man3GlcNAc2 and subsequently adding antennary structures consisting of GlcNAc and

terminal sugars such as D-galactose, N-acetylgalactosamine (GalNAc) fucose and sialic acid. In hybrid

N-glycans these antennary structures are transferred to the precursor Man5GlcNAc2 [88,121–123].

Figure 9. Exemplary mature N-glycans [N-acetylglucosamine (; ), D-mannose (○,
), galactofuranose (), N-acetylneuraminic acid (), D-glucose ()], sugar residues
with filled symbols are added in the Golgi. Residues in brackets are commonly subject to
variability between organisms or within the same organism. “X” marks the mannose
residue added by Och1p in yeast, “C” shows core type glycosylation and “M” marks the
starting point of chain-elongated glycosylation [121,122,125,127].
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In this work, fungal enzymes were expressed in yeast systems and yeasts as well as filamentous fungi

create glycoproteins with high-mannose type N-glycosylation (Figure 9) [124,125]. In yeasts, the core

N-glycan is commonly not trimmed back beyond Man8GlcNAc2. The mannosyltransferase Och1p, or

homologous enzymes, start the addition of mannose groups in the Golgi by adding a single α1-6

mannose as shown in Figure 9. Subsequently further hexose groups, mainly mannose, are added. This

can lead to either core sized (Man<15GlcNAc2) or, often much larger, chain-elongated high mannose

N-glycans [124,126,127]. In the latter case, a α1-6 mannose backbone is formed with side chains that

vary greatly between different yeast strains and can include terminal galactose and phosphomannose.

If N-glycans remain core sized or are chain elongated is thought to depend not only on the strain but

also the protein and the environment of the N-glycosylation site [124].

Hyperglycosylation of secreted glycoproteins produced in the yeast model organism Saccharomyces

cerevisiae causes a less authentic recombinant product for proteins, which are not natively featuring

chain elongated N-glycosylation. This is especially a problem for the recombinant production of

mammalian proteins and for pharmaceutical purposes [128]. The chosen heterologous expression host

in this work, Pichia pastoris, is also capable of chain-elongated N-glycosylation but uses it less

frequently [129] and forms shorter chain elongated N-glycans than Saccharomyces cerevisiae [130].

Glycosylation patterns of Pichia pastoris varied substantially depending on the recombinantly

expressed protein. Proteins were commonly modified entirely with the core sized type, predominantly

in the range of Man4-12GlcNAc2 [129,131–135]. However, some appeared to be hyperglycosylated by

Pichia pastoris, as indicated by SDS-Page [136–139].

Filamentous fungi are the native producers of pyranose dehydrogenases, the engineering target of this

work. Their high mannose type N-glycosylation often features shorter N-glycans than Saccharomyces

cerevisiae as they may possess alternative core trimming α1,2-mannosidases and usually lack some of

the mannosyltransferases involved in hyperglycosylation. Additionally, their N-glycans can be

modified with terminal groups such as D-glucose and galactofuranose [140]. Fungal N-glycans of

Man5-12GlcNAc2 have been commonly described in literature but in some instances also smaller ones

down to Man1GlcNAc2 [141]. Even more unusual N-glycosylation patterns have been reported, such as

modification of Asn with a single GlcNAc residue. The biological function of such single GlcNAc

residues is still unknown but it was speculated that they may be the product of high mannose type N-

glycans being exposed to native fungal Endo H or F [142].

Enzyme performance can be improved by preventing or removing N-glycosylation

Reduced or completely removed N-glycosylation has been reported to impact glycoprotein secretion,

function and stability. Positive as well as negative effects of it on enzymatic activity have been shown
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[83]. In this thesis, the N-glycosylated pyranose dehydrogenase was engineered for improved current

density of electrodes. Removal of N-glycosylation was previously demonstrated to be a successful

strategy for improving electron transfer between oxidoreductase and electrode. Lindgren et al. tested

horseradish peroxidase which was expressed in Escherichia coli and therefore non-glycosylated. It

exhibited increased direct electron transfer to the electrode, compared to the native glycosylated

enzyme. This was attributed to the reduced distance between active site and electrode surface and

changed protein orientation, without the N-glycan [143]. A similar effect was reported with glucose

oxidase where in-vitro deglycosylated protein produced an electric current on glassy carbon electrode,

unlike the native glycosylated one [144].

Agaricus meleagris pyranose dehydrogenase 1 (AmPDH1) could not be expressed in Escherichia coli

[34]. It was therefore recombinantly expressed in the N-glycosylating expression system Pichia

pastoris and subsequently in-vitro deglycosylated. In line with previous work on other

oxidoreductases, the deglycosylated variant yielded a 2-fold increase in maximal current density on

Os-polymer modified graphite electrodes, compared to the glycosylated variant. Furthermore, direct

electron transfer was reported, which could not be observed with glycosylated AmPDH1 [75]. With

this approach also catalytic current of cellobiose dehydrogenase based electrodes could be improved

[145].

Effect of individual N-glycosylation sites can be studied by site-directed mutagenesis

In-vitro deglycosylation techniques remove N-glycans from all N-glycosylation sites, indiscriminately.

They are also introducing an additional modification step in enzyme preparation, employing costly

deglycosylation enzymes, which pose a challenge in upscaling. An alternative approach, employed in

this thesis, is to selectively knock out N-glycosylation sites via site-directed mutagenesis. Those sites

are commonly eliminated by replacing the asparagine (Asn, N) of the N-X-S/T sequon with the

structurally similar glutamine (Gln, G), or, less frequently, other amino acids. This enables the study

of effects of individual N-glycosylation sites on the glycoprotein [83]. Grinnell et al. could show for

example, that two N-glycosylation sites of human protein C were important for expression and

intracellular modification, while knocking out the other two sites increased its activity [146]. With

site-directed mutagenesis N-glycan elimination can be limited to those sites where it is beneficial

while leaving the other sites glycosylated.
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Abstract

Agaricus bisporus is a litter degrading basidiomycete commonly found in humic-rich environments. It

is used as model organism and cultivated in large scale for food industry. Due to its ecological niche it

produces a variety of enzymes for detoxification and degradation of humified plant litter. One of these,

pyranose dehydrogenase, is thought to play a role in detoxification and lignocellulose degradation. It is

a member of the glucose-methanol-choline family of flavin-dependent enzymes and oxidizes a wide

range of sugars with concomitant reduction of electron acceptors like quinones.

In this work, transcription of pdh in A. bisporus was investigated with real-time PCR revealing

influence of the carbon source on pdh expression levels. The gene was isolated and heterologously

expressed in Pichia pastoris. Characterization of the recombinant enzyme showed a higher affinity

towards disaccharides compared to other tested pyranose dehydrogenases from related Agariceae.

Homology modeling and sequence alignments indicated that two loops of high sequence variability at

substrate access site could play an important role in modulating these substrate specificities.

Abbreviations

AbPDH, Agaricus bisporus pyranose dehydrogenase; ABTS, 2,2′-azino-bis(3-ethylbenzothiazoline-6-

sulphonic acid); AcPDH, Agaricus campestris pyranose dehydrogenase; AmPDH1, Agaricus

meleagris pyranose deyhdrogenase 1; AxPDH, Agaricus xanthoderma pyranose dehydrogenase; PDH,

pyranose dehydrogenase; Fc+, ferrocenium hexafluorophosphate; TmP2O, Trametes multicolor

pyranose oxidase
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Introduction

Oxidoreductases of free, non-phosphorylated carbohydrates are expressed by fungi of all classes, and

ascomycetes as well as litter degrading basidiomycetes produce a variety of them. They commonly

feature FAD as prosthetic group [1] and show different substrate preferences and regioselective

oxidation patterns. Glucose 1-oxidase (EC 1.1.3.4) catalyzes oxidation of glucose at C-1 [2],

cellobiose dehydrogenase (EC 1.1.99.18) oxidizes β-1,4-linked di- or oligosaccharides, also at C-1

[3] and [4]. Pyranose 2-oxidase (EC 1.1.3.10) forms ketoaldoses by oxidizing aldopyranoses at C-2

[5].

Some Agaricaceae and Lycoperdaceae, which do not form pyranose oxidase, produce pyranose

dehydrogenase (PDH, EC 1.1.99.29). This quinone dependent dehydrogenase is capable of dioxidation

of C-2 and C-3 of a broad range of substrates. It was first purified from the non-wood litter degrading

model organism Agaricus bisporus by Volc et al. [6] and [7].

The in vivo function of PDH and related oxidoreductases is not fully elucidated but for PDH a role in

detoxification was suggested [8]. Another proposed biological function is preventing repolymerization

of quinone degradation products as part of ligninolysis [8], [9], [10] and [11]. The secreted PDH could

be part of an extracellular system where potentially toxic quinones do not have to be imported into the

cell [8] and [12]. The presence of a pdh gene and expansion of detoxifying enzyme families in

A. bisporus, compared to other fungi, point towards a better adaption to humic-acid rich habitats [13].

A. bisporus is the most commonly cultivated and traded mushroom, and about eight percent of the

residual wheat straw in the UK are converted to mushroom compost annually [14]. Cultivation of

edible mushrooms is still considered the only profitable way to utilize lignocellulosic waste material

from agriculture and forestry [14]. Consequently, a better understanding of lignocellulose degradation

and ecological adaptation in A. bisporus may offer opportunities to improve mushroom yields or

simplify substrate preparation for commercial cultivation.

Several fungal enzymes involved in lignocellulose degradation have additionally attracted interest for

biocatalytic or analytic applications. Pyranose oxidase has been already extensively studied for

applications in carbohydrate conversion, clinical chemistry and process monitoring. Pyranose

dehydrogenase's capability of dioxygenation of a broad substrate range makes it an interesting

alternative [8], [15] and [16]. Furthermore, its lack of reactivity with O2 and consequential H2O2

formation, the broad substrate range and electron yield commend it for use in enzymatic biofuel cells

[17] and [18].

PDH from Agaricus xanthoderma (AxPDH), Agaricus campestris (AcPDH) [19] and [20] and

Agaricus meleagris (AmPDH) [18] and [21] have been characterized extensively but only limited
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kinetic characterization of A. bisporus PDH (AbPDH) was published as part of investigations of its

catalytic products [6] and [7]. In this work, substrate dependent transcription of pdh in A. bisporus was

studied and the kinetic characteristics of AbPDH were elucidated and compared to AxPDH, AcPDH

and AmPDH1.

Material and methods
Chemicals and microorganisms

All chemicals were purchased from Sigma–Aldrich (St. Louis, MO) unless stated otherwise, and were

of the highest purity available. ABTS was from Amresco (Solon, OH) and D-glucose from Merck

(Whitehouse Station, NJ). The Phenyl-Sepharose Fast Flow resin was purchased from GE Healthcare

(Chalfont-St. Giles, UK) and the DEAE-Sepharose Fast Flow resin from Sigma–Aldrich (Steinheim,

Germany). Restriction enzymes, polymerases and DNA modifying enzymes were obtained from

Fermentas (now: Thermo Fisher Scientific, Waltham, MA) and used as recommended by the

manufacturer. Nucleic acid amplifications were done using Pfu proof-reading polymerase, dNTP mix,

oligonucleotide-primers (VBC Biotech, Vienna, Austria) and a Biometra TRIO thermocycler

(Biometra, Göttingen, Germany). cDNA first strand synthesis was done using the First Strand cDNA

Synthesis Kit (Fermentas).

Commercially used A. bisporus was purchased from Pielachtaler Champignon (Kirchberg/Pielach,

Austria) and A. bisporus strain DSM 3056 was obtained from DSMZ (Braunschweig, Germany) The

cultures were maintained on malt extract agar (1.5% malt extract, 0.15% peptone from soy bean, 2%

agar agar) and transferred on new plates every 2 months. E. coli DH5α cells from New England

Biolabs (Ipswich, MA) were used for cloning and Pichia pastoris X33 from Invitrogen (Carlsbad, CA)

as heterologous expression host.

Cultivation of A. bisporus

A. bisporus DSM 3056 was cultivated in static liquid cultures in Roux flasks for 1 week, harvested,

and the mycelium washed in basal salts medium [22] containing no carbohydrate source. Mycelial

samples for RNA extraction were prepared from petri dish cultivation in basal salts medium with 1%

(w/v) cellobiose. Fruiting body samples for RNA extraction were taken from compost grown

A. bisporus from a commercial mushroom producer (Pielachtaler Champignon). ( Supplementary

Information S1.1).
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Transcription analysis of the pdh gene

Total RNA was extracted from mycelial samples and different parts of the fruiting body with the

Spektrum Plant total RNA kit (Sigma) and reverse transcribed with the High Capacity cDNA Reverse

Transcription Kit (Applied Biosystems/Life Technologies, Grand Island, NY) using random hexamers

as primers. Specific primers for the pdh gene (5′-CTATCGACACTGTTCTCCAATTCG3′ and 5′-

CACACCATGCACGTAAGAAAAC-3′) and the glyceraldehyde-3-phosphate dehydrogenase-

encoding gene gpd2 (5′-CGCAAGGCCGCTGAAGG-3′ and 5′-GAGCGGCGCATTCAAGCAAC-3′)

[23] of A. bisporus were used to generate amplicons [24]. Dilutions of the cDNA samples were

directly used as templates for quantitative real-time PCR with a MyIQ Real Time PCR Detection

System (Bio-Rad Laboratories, Hercules, CA). Optimal baseline range and threshold values were

calculated with the MyIQ v2.0 software (Bio-Rad), and fold changes of the pdh transcripts in the

different samples versus control were calculated as described using the gpd2 gene as internal control

[25]. (Supplementary Information S1.2).

Expression of A. bisporus pyranose dehydrogenase in P. pastoris and purification

Expression and purification of A. bisporus PDH was done as described in detail in supplementary

information S1.3. RNA isolated from A. bisporus DSM 3056 mycelium was reverse transcribed with

an oligo (dT) primer. The reaction product was used as a template for PCR with 5AbPDHPml1 (5′-

ATACACGTGATGATACCTCGAGTGGCC-3′) containing a PmlI restriction site and 3AbPDHXba1

(5′-ATATCTAGATTAGCTGTAGCTCTTCGC-3′) containing an XbaI restriction site. The digested

PCR product was ligated into the plasmid pPICZB ( Fig. S2) and propagated in E. coli DH5α cells.

Electrocompetent P. pastoris cells were transformed with SacI linearized plasmids according to Lin-

Cereghino et al. [26]. The GenBank Accession number of the A. bisporus PDH used in this work is

KM851045.

A. bisporus PDH was expressed in shaking flasks at 30 °C using BMGY medium with methanol

induction starting after 24 h. Supernatant was harvested 143 h after start of induction and purified by

subsequent hydrophobic interaction chromatography (750 mL Phenyl-Sepharose Fast Flow column)

and anion exchange chromatography (60 mL DEAE-Sepharose Fast Flow column). Fractions with

highest PDH activity were pooled, concentrated with Ultra-15 Centrifugal Filter Units 30 kDa and

stored at 4 °C.

Enzymatic assays

Enzymatic activity was determined spectrophotometrically by sugar dependent reduction of

ferrocenium (Fc+) to ferrocene [19]. In the standard reaction 25 mM D-glucose as electron donor and
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0.2 mM Fc+ (ε300 = 4.3 mM−1 cm−1) as electron acceptor in 50 mM sodium phosphate buffer (pH 7.5)

were used in a 3 min reaction at 30°. Reduction of 2 μmol Fc+ to ferrocene per minute was defined as

1 Unit enzyme activity. ABTS cation radical (ε420 = 43.2 mM−1 cm−1) [27], 2,6-dichloroindophenol

(DCIP) (ε520 = 6.8 mM−1 cm−1) and 1,4-benzoquinone (ε290 = 2.24 mM−1 cm−1) [19] were used as

alternative electron acceptors. Enzymatic activity in the temperature optimum assay was calculated

within the range of constant substrate turnover and for kinetic constant measurements over 5 min.

Enzymatic assays were conducted in triplicates, except for pH-profile and temperature stability assays

which were measured in duplicates. Kinetic constants were calculated by fitting steady state kinetic

data to the Michaelis Menten equation using nonlinear least-squares regression (SigmaPlot 11.0,

Systat Software GmbH, Erkrath, Germany).

Protein characterization

Bradford based protein assay from Biorad Laboratories, with bovine serum albumin as standard, was

used for protein determination according to the manufacturer's instructions. The Precast Mini Protean

TGX gel system with 4–20% resolving gels, unstained Precision Plus Protein Standard (Biorad) and

Bio-safe Commassie staining were used for SDS-Page. Enzymatic deglycosylation was done with 1 μg

Endo Hf (New England Biolabs) per 100 μg PDH in sodium citrate buffer (100 mM, pH 5.5)

incubated at 30 °C for 22 h. Covalent linkage of FAD was investigated according to Scrutton [28] with

a modified excitation wavelength of 302 nm (GelDoc 2000, Biorad).

Results
Analysis of pdh cds of A. bisporus

The A. bisporus pdh cds was aligned to A. bisporus var. bisporus genome (H97, “Agabi2masked”) and

A. bisporus var. burnettii genome (JB137-S8, “Abisporus_varburnettii”) using the BLASTN algorithm

with a Blossum 62 scoring [13] and [29]. Both genomes carried one pdh gene, each, consisting of 10

exons. Exon 1 of A. bisporus pdh cds, containing the signal sequence, was identical to the homolog

sequence of the A. bisporus var. burnetti genome. The rest of the A. bisporus pdh cds was closer

related to A. bisporus var bisporus genome with 5 non-identical nucleotides (at positions 549, 606,

613, 1722, 1775), only 2 of them causing amino acid changes (I205L, V592A).

Related genes of A. bisporus pdh were identified using the BLASTN algorithm [30]. Genes with

sequence identity of 77% or higher were previously isolated from A. xanthoderma (Axpdh,

KF534751.1), A. campestris (Acpdh, KF534750.1) [20] and A. meleagris (Ampdh1, AY753307.1;

Ampdh2, AY753309.1; Ampdh3, DQ117578) [24].
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Homology model of A. bisporus PDH

Comparative structural models of A. bisporus PDH (AbPDH), A. campestris PDH (AcPDH) and

A. xanthoderma PDH (AxPDH) were created with the SWISS model server in automated mode [31],

[32], [33] and [34] based on AmPDH1 crystal structure 4H7U [35].

Fig. 1. Homology models (Swiss model server, automated mode) of AbPDH, AcPDH and
AxPDH based on crystal structure of AmPDH1 4H7U. FED, active side residues, loop 1
and active site loop are shown. Labelled residues that are not conserved are highlighted in
yellow. Active site loop residues which are predicted to anchor the loop via H-bonds are
underlined.

Of the active side residues, homologous to those previously described for AmPDH1 [36], and the

related Aspergillus niger Glucose Oxidase [37], only AmPDH1 Phe533 was not conserved in AbPDH

and replaced by the smaller Val530 (Fig. 1). Deviations of the AbPDH model in its peptide backbone

from the template were only visible in two loops. Loop 1 (AbPDH: 91LRPRY95) is located at the

entrance of the substrate pocket in direct vicinity to the isoalloxazine ring of the catalytic co-factor

FAD. This loop's predicted structural deviations between compared PDHs were also supported by the

low sequence identity (Fig. 2). Loop 2 (AbPDH: 273ENG275) is surface exposed and distant to the active

site and substrate pocket. Another loop which is homolog to the gating active site loop reported in the

related Trametes multicolor Pyranose Oxidase (TmP2O) [38] could be modeled to the template

backbone but had high sequence variability in 3 areas ( Fig. 1 and Fig. 2). These were the residues
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directly oriented towards the active site (AbPDH 424PSG426), 429RE430 and the more distant surface

exposed C-terminal part of the loop.

Polar interactions of active side residues with other residues and within the loop were predicted using

Pymol 1.3 and are shown in Fig. 1. In AmPDH1 4H7U there were 3 active site residues predicted to be

involved in non-covalent interactions anchoring the loop in the elucidated conformation. AmPDH1

Leu428 and Gly429, at the beta-turn facing the FAD, were predicted to form H-bonds via their backbone

C O groups and Lys432 to form H-bonds or a salt bridge via a coordinated phosphate anion which

was resolved in the x-ray structure. The AmPDH1 Leu428 H-bond was conserved in all homology

models (AbPDH Ser425, AcPDH Ala421, AxPDH Ala426). However none of the Gly429 homologs formed

an H-bond because the interacting AmPDH1 Ser352 is replaced by non-polar amino acids in the other

PDHs. The Phosphate was not included in the homology models. AbPDH Arg429 apparently formed an

H-bond also in its absence while AcPDH Asn425 and AxPDH Asn430 did not. Setting AbPDH apart from

the others, Ser425 showed a second H-bond formed by its side chain with Arg92 from loop 1. The other

PDHs lacked this Arg as well as a polar residue at the homolog active site position for this interaction.

Fig. 2. Sequence alignment of loop 1 and active site loop of AmPDH1, AbPDH, AcPDH
and AxPDH, using Clustalw2 algorithm.

Five Asn residues of AbPDH were predicted to be N-glycosylated, using NetNGlyc 1.0 Server [39].

Four of them corresponded to N-glycosylation sites of AmPDH1 described by Yakovleva et al. [40]

(AbPDH N98, N198, N274 and N341 corresponding to AmPDH1 N100, N200, N277, N344, respectively). N98

and N198, their AmPDH1 homologs, and N113, which has no AmPDH1 counterpart, are located next to

the active site access. N274 is located at the deviating loop 2.

Transcript analysis of the A. bisporus pdh and the gpd1 gene

Several carbon sources were already tested for inducing dehydrogenase activity in A. bisporus by

Morrison et al. [41]. High activity was found on media with cellobiose as the sole carbon source, less

with D-glucose, low activities were found with different forms of cellulose and no activity with D-
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mannitol, d-xylose and d-fructose. Considering these results A. bisporus was cultivated as described in

Material and Methods on minimal medium containing D-glucose and d-cellobiose as carbon sources,

respectively. Samples were taken over 23 days of cultivation. As expected the PDH activity was

higher on cellobiose. The cultures showed similar growth on both carbon sources with a maximum of

biomass after 14 days, when the sugar concentration reached low levels. (Fig. 3A and B). A fraction of

cellobiose was hydrolyzed to D-glucose by the β–glucosidase activity of the fungus.

Fig. 3. Biomass production, carbon source consumption and PDH activity of A. bisporus
on two carbon sources [A: cellobiose; B: D-glucose; dry matter (♦), PDH activity (□), d-
glucose (▴), cellobiose (●)].

Fig. 4. Transcript analysis of the PDH-encoding gene of A. bisporus during the cultivation
on D-glucose and cellobiose (A) and in different tissues of the fruiting body (B).

For transcriptional analysis mycelial samples were taken at the indicated time points during the 23-day

cultivation. Changes of the mRNA levels were compared to the first sample of both cultivations taken

on day 6, when growth on the surface could be detected. Samples of different tissues of the fruiting

body of A. bisporus as well as from mycelium grown on soil used for commercial production were

taken and the transcript levels of pdh were compared. The gpd2 transcript was used for normalization

of the expression levels. The mRNA levels of pdh showed a significant rise at day 10. On D-glucose

the level stayed high throughout day 14. During that time most of the enzyme was produced. The

spike in mRNA concentration at the end of the cultivation, when the dry weight of the mycelium was
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already decreasing, did not result in additional PDH activity. On cellobiose the mRNA level dropped

when the carbon source concentration was very low on day 14, but normalized afterwards

corresponding to an increase of activity. The mRNA levels on cellobiose were generally higher than

on D-glucose (Fig. 4A). Very low pdh transcript levels could be detected in the stem and the hood of

the fruiting bodies, but the transcript level of pdh in the gills was within the variations of the

transcripts in the mycelium ( Fig. 4B).

Expression and purification of recAbPDH

For extracellular expression of the pdh gene from A. bisporus under control of the inducible AOX1

promoter, the full-length open reading frame of the gene including the native prepro leader sequence

and stop codon was cloned into the vector plasmid pPICZB. Using the plasmid-encoded alpha factor

leader sequence instead did not result in detectable amounts of secreted PDH (data not shown) as was

described previously for A. meleagris pdh expression [18]. The resulting construct was transformed

into P. pastoris X33 and a confirmed clone was chosen for recAbPDH production in 12 shaking flasks

filled with 200 mL BMGY medium each. The fermentation resulted after 143 h of induction in a total

of 1065 U of recAbPDH.

The enzyme was purified from the supernatant by hydrophobic interaction chromatography followed

by anion exchange chromatography (Table 1). Chromatography fractions were restrictively pooled and

purification yielded recAbPDH with a specific activity of 24 U mg−1. One third of initial total activity

could be recovered with an about 4-fold increase in specific activity. Anion exchange-chromatography

caused a loss of more than half of total activity while specific activity slightly decreased.

The resulting pool of recAbPDH was analyzed by SDS-Page with Coomassie Blue staining ( Fig. 5A),

and showed a broad smear between 75 and 100 kDa, compared to approximately 75 kDa of native

AbPDH [6]. However, after deglycosylation with Endo Hf the recAbPDH pool after anion exchange

chromatography was found to be electrophoretically pure with a single band at ∼70 kDa. As estimated

by SDS-Page, the glycosyl moiety of recAbPDH amounted therefore to 7–33% of the enzyme mass.

Table 1. Purification of heterologously expressed AbPDH.

Volume

[mL]

Total

activity

[U]

Total

protein

[mg]

Specific

activity

[U mg−1]

Recovery

rate [%]

Purification

[-fold]

Culture supernatant 2710 1065 189.7 5.6 100 1
Phenyl sepharose FF 290 903 31.9 28.3 85 5.1
DEAE sepharose FF &
ultrafiltration 0.78 345 14.3 24.1 32 4.3
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Fig. 5. A: SDS PAGE stained with Coomassie Blue; Precision Plus Protein Standards
(Bio-Rad), recAbPDH deglycosylated with Endo Hf (New England Biolabs) (1) and N-
glycosylated (2); B and C: 10 μg recAbPDH (1), Aspergillus niger glucose oxidase (2)
and recAmPDH1 (3), visualized by excitation at 302 nm (B) and by being stained with
Coomassie Blue (C).

Recombinant AbPDH showed two fluorescent bands which were identical with the two coomassie

stained protein bands, indicating a covalent FAD linkage to the apoprotein ( Fig. 5B and C).

Recombinant A. meleagris PDH with covalently bound FAD [18] and [21] was used as positive and

native A. niger glucose oxidase (Sigma Aldrich) with non-covalently bound FAD as negative control

[37].

Influence of pH and temperature on recAbPDH

recAbPDH was stable in 100 mM Britton Robinson buffer from pH 4 to 8 (≥75% remaining activity

after 1 week at 25 °C, optimum at pH 6) and was rapidly inactivated in more acidic and alkaline

conditions ( Fig. 6A). pH profiles of recAbPDH and recAmPDH with ferrocenium

hexafluorophosphate were determined ( Fig. 7) between pH 3 and pH 8.5. More basic environments

than pH 9 were complicated by enzyme stability and limitations of the ferrocenium based photometric

assay [21]. Both enzymes showed a continuous rise in activity with increasing pH with comparable

specific activities. The choice of pH 7.5 for the photometric standard assay was a compromise of high

specific activity and enzyme stability.

The temperature optimum of recAbPDH at standard conditions was 49 °C ( Fig. 6B). pH was observed

to have a strong impact on enzyme stability at higher temperatures. After 30 min at 50 °C and standard

assay pH (7.5) only ∼10% of initial recAbDPH activity was left but at pH 6 more than 90% remained

active ( Fig. 6C).
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Fig. 6. A: pH stability of recAbPDH (0.023 mg mL−1), remaining activity in % after
1 week at 22 °C in 28 mM Britton-Robinson-buffer pH 2–12; B: temperature optimum of
recAbPDH, single measurements from two independent experiments; C: temperature
stability of recAbPDH at 50 °C in sodium phosphate buffer pH 6 (■) and pH 7.5 (●); all
measurements conducted with 25 mM D-glucose and 0.2 mM ferrocenium
hexafluorophosphate.

Fig. 7. A: pH-profiles of recAmPDH1 (A) and recAbPDH (B), measured in duplicates
with 25 mM D-glucose and 0.2 mM ferrocenium hexafluorophosphate [pH 3–6.5: sodium
malonate buffer (▴); pH 3.5–5.5: sodium acetate buffer (●); pH 6–8.6: sodium phosphate
buffer (■)].

Kinetic parameters of electron acceptors and donors

Kinetic constants were determined for electron acceptors which were previously used for

characterization of other PDHs [18] and [19] (Table 2). ABTS cation radical and DCIP had the highest

catalytic efficiency but ABTS cation radical was instable in neutral and alkaline environments and

DCIP inhibited recAbPDH at higher concentrations. 1,4 benzoquinone exhibited the least favorable

kinetic characteristics of the tested electron acceptors. Ferrocenium hexafluorophosphate was

therefore the preferred electron acceptor for photometric activity assays.
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Selected mono-, di- and trisaccharides were tested for affinity and catalytic turnover with recAbPDH (

Table 2). D-glucose and l-arabinose were the substrates with the highest catalytic efficiency. d-xylose

and d-galactose were also good substrates but with an approximately 3-fold higher Km. Di- and

trisaccharides showed about 30–80% of the kcat of D-glucose. Cellobiose and maltose had a Km similar

to D-glucose, whereas lactose and raffinose had a 26-fold and 7-fold increased Km, respectively.

Table 2. Apparent kinetic constants of recAbPDH for electron acceptors with 25 mM D-
glucose at respective pH (100 mM sodium acetate pH 4, 100 mM sodium phosphate pH
7.5) and for mono-, di- and tri-saccharides with 0.2 mM ferrocenium hexafluorophosphate
at pH 7.5

Electron acceptor Km [μM] kcat [s−1] kcat/Km [mM−1 s−1]

Ferrocenium hexafluorophosphate (1 e−) (pH 7.5) 170 ±10 111.1 ±3.8 326

ABTS cation radical (1 e−) (pH 4) 79 ±1.6 101.2 ±2.2 768

2,6-Dichloroindophenol (2 e−) (pH 4) 60 ±22 57.6 ±10.2 958

1,4-Benzoquinone (2 e−) (pH 4) 566 ±72 44.2 ±2.1 78

Substrate Km [μM] kcat [s−1] kcat/Km [mM−1 s−1]

D-Glucose 1.54 ±0.22 33.7 ±0.6 22

D-Xylose 4.75 ±0.08 36.9 ±0.1 7.8

L-Arabinose 1.33 ±0.22 29.6 ±1.1 22

D-Galactose 4.19 ±0.01 28.7 ±0.7 6.9

D-Mannose 109.1 ±4.3 13.31 ±0.31 0.1

Cellobiose 2.45 ±0.40 24.63 ±0.60 10

Maltose 2.16 ±0.18 27.26 ±0.91 13

Lactose 40.51 ±0.31 15.95 ±0.35 0.4

Raffinose 10.79 ±1.97 19.61 ±0.87 1.8

Discussion

AbPDH was the first discovered pyranose dehydrogenase and described by Volc et al. [6] and [7].

However, only limited kinetic data was published in these works in form of relative activities of

selected electron acceptors and substrates and a pH profile with 1,4-benzoquinone. Morrison et al. [41]

reported the steady state kinetics of a range of sugars with a glucose 3-dehydrogenase from

A. bisporus, which had an N-terminus identical to that of mature AbPDH (AITYQNPT …). This

enzyme was however considerably smaller and featured a different oxidation pattern of D-glucose than

the AbPDH described by Volc et al. [7]. A. bisporus has only one pdh gene, as was suggested by
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Peterbauer and Volc [8] and now confirmed on genomic level. As the full sequence of this glucose 3-

dehydrogenase was not elucidated its identity and degree of sequence similarity to AbPDH could not

be clarified however.

To address these uncertainties and further elucidate the role of PDH in A. bisporus and possible

applications of the enzyme, a more detailed investigation of transcription and protein characteristics of

confirmed AbPDH was conducted. We studied transcription of pdh from A. bisporus in submerged and

solid substrate culture. The successful recombinant expression of AbPDH in P. pastoris was reported

and purified protein was characterized and compared to previously studied A. xanthoderma PDH,

A. campestris PDH [20] and A. meleagris PDH1 [18], which have sequence identities of 77–78% to

AbPDH. For the also related AmPDH2 and AmPDH3 there are no kinetic data available to this date.

Homologous transcription and expression

AbPDH activity and transcription levels of Abpdh were monitored in a batch cultivation of A. bisporus

with D-glucose and cellobiose, which supported the formation of PDH activity in A. meleagris [24], as

substrates. Biomass yields were similar with both substrates. Very little pdh was transcribed during the

exponential growth phase, which corresponded well to the low activity. An increase in transcription

took place after the onset of substrate limitation on day 10, and continued on a lower level after

substrate depletion. The strong increase of the mRNA level on day 23 could be explained by a stress

reaction to prolonged cell starvation. Cultivation with cellobiose led to higher PDH activity than with

D-glucose and also generally higher transcription of pdh. These findings are similar to those of Kittl

et al. [24] with PDH of A. meleagris, and in agreement with the proposed function of PDH as

detoxification enzyme with a role in degradation of humic compounds [13]. It is intriguing, however,

that the single pdh gene in A. bisporus displays a similar transcription pattern as the two “secondary”

pdh genes pdh2 and pdh3 in A. meleagris, whose transcription level is significantly lower than that of

pdh1 and which lack the sharp increase of transcription of pdh1 upon transfer to fresh culture vessels,

possibly associated with oxygen depletion. Both these enzymes are also far less abundant than PDH1.

This discrepancy indicates that PDH is a non-essential or redundant enzyme whose function can be

substituted by other, catalytically related enzymes, and which consequently can evolve to take over

diverse functions in different fungi. The amount of transcript in the fruiting bodies was approximately

equal (gills) or significantly lower (stem, cap) than in the vegetative mycelium and does not indicate a

particular role during fruition.

Protein characterization

AbPDH was successfully heterologously expressed in P. pastoris and purified to a specific activity of

24 U mg−1 and homogeneity on SDS-page. It was generally less stable than AmPDH1, more sensitive
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to a moderately alkaline environment (pH 8–10) and had a lower temperature optimum of 49 °C

compared to 63 °C of AmPDH1 [21] and 75 °C of AxPDH [19]. These data support the idea that PDH

is not necessarily a vital enzyme under many growth conditions. However, it proved stable at

physiological pH and temperature and the reduced stability at basic conditions and high temperatures

is of little consequence for suggested applications like biofuel cells.

The co-factor FAD was shown to be covalently bound to AbPDH, like in AmPDH1 [21]. SDS-Page

revealed two distinct bands for AbPDH which were both fluorescent. This change from the single band

in the initial SDS-Page after purification can be explained by the previously observed spontaneous

degradation or autoproteolysis of PDH [21], leading to two fragments under denaturing SDS-Page

conditions. The additional band at ∼70 kDa still contained the FAD prosthetic group. The reduced

intensity of the fluorescence could be due to the greater spreading of the enzyme on the gel.

PDH is a secretory glycoprotein, and in AmPDH1 the carbohydrate moiety amounts for approximately

seven percent of the molecular mass in the protein purified from culture supernatant. Heterologously

produced AmPDH1 (P. pastoris), however, was found to be significantly overglycosylated, resulting in

a total molecular mass of around 100 kDa [18] and [21]. This observation was also made for the

recombinantly produced AbPDH.

Kinetic properties

The pH dependency of AbPDH with the electron acceptors 1,4-benzoquinone [6] and ferrocenium

hexafluorophosphate were similar to those reported for other PDHs [19], [20] and [21]. It had the

highest catalytic turnover rates with ABTS cation radical and ferrocenium hexafluorophosphate.

Because of limitations in the use of other electron acceptors, and to obtain comparable results to

previous publications, ferrocenium hexafluorophosphate was chosen as electron acceptor for further

kinetic analyses. Even though quinones are likely biological electron acceptors for PDH [8], the

catalytic efficiency of 1,4-benzoquinone was 2–3 lower than for the tested alternatives. This is in

agreement to previous results with AmPDH1 and AxPDH. However, AcPDH has its highest catalytic

turnover with 1,4-benzoquinone [19], [20] and [21].

Affinity of monosaccharides to AbPDH, AcPDH and AxPDH were similar and slightly lower than to

AmPDH1 ( Table S3). A change in orientation of the C2 hydroxyl group increased the Km

approximately 100-fold compared to D-glucose, as was already observed with AmPDH1, while it did

not prevent catalysis. C4 D-glucose epimers had an up to three-fold decreased affinity to AbPDH and

AmPDH1 at similar catalytic activities as D-glucose. Interestingly, AbPDH showed comparable

affinities and catalytic turnover numbers with D-glucose and its disaccharides maltose and cellobiose,

in contrast to AmPDH1 which also had comparable kcat values but an 8–11 fold higher Km for these
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disaccharides than for D-glucose. For applications in enzymatic biofuel cells, this may be an advantage

for AbPDH in certain cases when, e.g., plant biomass hydrolysates containing incompletely

hydrolyzed polysaccharides are employed as fuel. Compared to the other recently characterized

recombinant PDHs (AcPDH and AxPDH), AbPDH and AmPDH1 showed significantly higher catalytic

turnover numbers for tested sugars and electron acceptors [19], [20] and [21].

Like the other PDHs described so far, AbPDH oxidizes a broad range of sugars, not only cellobiose,

which is the strongest known inducer of its transcription. The number of e-acceptors is limited

however and includes quinones, phenols and organometallic-compounds [7]. Steady state kinetics with

1,4 benzoquinone but also with the other tested e-acceptors varied significantly between PDHs. These

observations support the reported detoxification function of PDHs [8] but also point towards

specialization towards different reduction targets for different PDHs.

Structural analysis

So far, AmPDH1 is the only PDH with a resolved x-ray crystallography structure (4H7U) [35]. As

AbPDH, AcPDH and AxPDH share sufficient sequence identity (>70%) with AmPDH1, automated

homology modeling could be employed to predict structural differences. The strong conservation of

active site residues between AbPDH and AmPDH1 is in line with the high similarity of apparent

kinetic characteristics of both enzymes. There were differences however in the larger active site

pocket. Replacement of Phe533 (AmPDH1) with the smaller Val530 (AbPDH) apparently enlarged the

substrate pocket.

Of the two deviant loops that could be identified, loop 1 (91LRPRY95) is at a peculiar position as it

forms one side of the active site access. The active site loop on the other side had been described to

play a key role in substrate binding and specificity in the related oxidoreductase Pyranose 2-Oxidase

(P2O) [38]. PDHs replaced the gating segment 454FSY456 of this P2O active site loop, whereas polarity

of the structurally homologous segment was varying between the different PDHs. In AmPDH1 the side

chains oriented towards the FAD are all non-polar, while there is one polar residue (Ser425) in the

AbPDH homolog pointing to the FAD. AcPDH and AxPDH feature even a glutamine and aspartate,

respectively ( Fig. 1). The predicted active site loop anchoring H-bond network in AbPDH differed

substantially from that in other studied PDHs. The hydrogen bond directly at the FAD facing segment

(AbPDH Ser425/Gln444) was however conserved in all of them. Interestingly, AbPDH was the only

studied PDH which showed polar interactions between the active site loop and loop 1. This interaction

takes place between two residues which have no polar homolog in the other PDHs.

It is unknown, to this date, if the active site loop in PDHs also serves the central gating function that it

has in P2O with an open and closed conformation. However, in the crystal structure 4H7U, and
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consequently in the homology models the FAD facing segment and loop 1 are determining factors for

the dimensions and nature of the substrate access site. Changes in the affinity towards disaccharides

with only modest changes in catalytic turnover are in line with the highly conserved set of residues

around the isoalloxazine ring but high variability in the substrate access site at the surface.

Furthermore, Val530 in AbPDH could also make the active site sterically less stringent, favoring the

binding of larger substrates.

Loop 1, FAD facing segment residues, and amino acids putatively involved in anchoring the active

site loop as well as Val530 are therefore promising targets for site directed mutagenesis studies with the

aim of modulating substrate specificities of PDHs and improving the understanding of its substrate

binding. Additionally, mutagenesis studies on the more basic amino acid residues around the active

site of AcPDH appear promising to elucidate the altered electron acceptor preferences. Such studies

are, however, hampered by the difficulties in heterologous expression of AcPDH as reported recently

[20].

Conclusion

The flavoenzyme AbPDH was expressed by A. bisporus mainly at the onset of substrate limitation and

is proposed to be a non-essential detoxification enzyme. It is closely related to PDHs from

A. meleagris, A. campestris and A. xanthoderma but displayed some significantly different properties.

While enzyme stability was lower for basic and high temperature conditions, compared to AmPDH1, it

showed higher affinity towards disaccharides. AbPDH is therefore an interesting candidate for biofuel

cells powered by plant biomass hydrolysates and could be an alternative to other PDHs for

implantable biofuel cells. Gene shuffling experiments could be used to combine higher affinity

towards larger substrates of AbPDH with the higher stability of AmPDH1. Further study of the active

site loop and less conserved active site residues could improve the understanding of the substrate

binding and specificity.
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Abstract
In the search for improved glucose oxidising enzymes for biofuel cells, a number of Agaricus

meleagris (Am) pyranose dehydrogenase mutants (mPDHs) exhibiting different degrees of

glycosylation were produced using site-directed mutagenesis and electrochemically characterised. The

response of electrodes modified with different mPDHs is compared in a mediated electron transfer

mode, where the electrodes are modified with each of the mutants covalently attached to redox

polymers based on polyvinylimidazole-bound osmium complexes using a cross-linking agent. Coating

of each of the enzymes onto the graphite electrode surface is also used to screen for their capacity for

direct electron transfer. The double mutant PDH exhibits the highest response to glucose at

physiological pH in both direct and mediated electron transfer modes, producing a Jmax of ≈800 μA

cm−2 at room temperature and when “wired” to the Os-polymer having the highest formal potential.

From the results obtained the double mPDH is proposed as the most suitable candidate for application

to bioanode fabrication.

Introduction

An enzymatic biofuel cell (EBFC) is a specific class of fuel cells, which converts the energy of

enzymatic redox reactions into electrical energy as long as fuel is supplied to it. The development of

EBFCs became more extensive during the last few years due to their beneficial properties. Compared

to conventional fuel cells, EBFCs can operate in physiological conditions and utilise fuels and

oxidants present in vivo even at low concentrations.1–9 These features make EBFCs applicable for

construction of miniaturised implantable devices, which can be used as continuous power supplies

with the energy derived from physiological sugars.

An obvious example of such a device would be an EBFC powering a cardiac pacemaker – medical

devices currently powered by lithium-iodine batteries invented by Wilson Greatbatch and his team in

1972, with a life time of about 10 years.10 EBFCs can also be applied as implantable self-powered

sensors, for instance in monitoring of the glucose concentration in blood for diabetes management.11

One of the reasons why EBFCs still did not yet reach the market is the low power output, which is

directly related to the current generated in the anodic part, where sugar is oxidised at the anode, onto

which the biocatalyst is immobilised, and the cathodic part, where oxygen is reduced. In order to

produce an EBFC with a sufficient power capacity it is important to maximise the current density

generated in both parts of the cell. This can be done by a variety of methods.

One of the most efficient ways is to improve the electrical communication between the redox enzyme

and the electrode, which to a large degree determines the current output. This can be done by “wiring”
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the enzyme to osmium redox polymers, which will facilitate the electron transfer between the

enzyme's active site and electrode surface.12–16 Such an approach was demonstrated in a number of

recent publications, where various oxidising enzymes were cross-linked with redox polymers based on

polyvinylimidazole-bound osmium complexes in order to improve the current density of both

bioanodes17–19 and biocathodes.20,21

Another way to increase the current output of the bioanode and the biocathode is to downsize the

dimensions of the enzyme.22 This can be achieved by employing whole deglycosylated enzymes or by

utilising separate enzyme domains responsible for the catalytic activity. By removing the carbohydrate

shell from glycosylated redox enzymes it is possible to physically bring the enzyme's active site closer

to the electrode surface or mediator matrix, which will increase the electron transfer rate according to

the Marcus theory.23 This has been previously demonstrated for horseradish peroxidase (HRP),24,25

glucose oxidase (GOx),26,27 cellobiose dehydrogenase (CDH)28,29 and pyranose dehydrogenase

(PDH).30–32 Shao et al. proposed a bioanode based on the separately expressed deglycosylated

dehydrogenase domain of CDH (DHCDH).33,34 When using only DHCDH instead of the whole enzyme

for construction of EBFCs, a greater load of the biocatalyst can be packed onto the electrode surface

due to the smaller size of DHCDH resulting in higher currents. Downsizing the redox enzyme for

improved current density was also demonstrated for deglycosylated PDH, which spontaneously loses a

part of its C-terminus and forms a fragmented product with excellent electrocatalytic performance.35

PDH (EC 1.1.99.29) is a glycosylated extracellular enzyme produced by a group of litter-degrading

basidiomycete Agaricales. It is a monomeric enzyme, which carries one flavin adenine dinucleotide

(FAD) prosthetic group covalently bound to the polypeptide chain of the protein36 in contrast to other

glucose oxidising enzymes carrying their cofactor only through non-covalent linkages. PDH belongs

to the glucose–methanol–choline oxidoreductase superfamily,37 which also includes GOx (EC 1.1.3.4),

pyranose oxidase (POx, EC 1.1.3.10), and CDH (EC 1.1.99.18).38 In contrast to other members of the

same family, which can only monooxidise sugars at the C-1 position, PDH (as well as POx) is able to

mono- and dioxidise a variety of substrates at the C-2 and/or C-3 to their corresponding

aldonolactones, or (di)dehydrosugars (aldos(di)uloses) and it is thus anomerically insensitive.36,39,40

Unlike many sugar oxidising oxidoreductases PDH does not show reactivity towards molecular

oxygen but makes use of other electron acceptors/mediators instead.41 Together with a broad substrate

tolerance and regioselectivity, this lack of electron donation to oxygen can be explained by a unique

structure of the flavin pocket specific for the members of VAO [6-S-cysteinyl-8α-(N1-histidyl)-FAD]

family.42 These three properties make the enzyme attractive for construction of EBFCs, where a broad

substrate tolerance is not considered a disadvantage, the covalently bound cofactor increases the long-

term stability of the enzyme in its immobilised state and the inability to utilise oxygen prevents
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competition with O2 as electron acceptor as well as any damaging effects of hydrogen peroxide, which

is otherwise formed when oxygen-dependent oxidoreductases are employed (e.g., GOx or POx).

The suitability of PDH for bioanode fabrication was first demonstrated for naturally occurring

glycosylated Agaricus meleagris enzyme when “wired” to osmium redox polymers on the surface of

graphite electrodes.43 The electrodes modified with PDH showed a higher current response to glucose

in flow-injection amperometry compared to those modified with GOx. It was possible to oxidise the

substrate at potentials close to the formal potential of the enzyme in near-physiological conditions.18

However, low production levels of PDH purified from the natural source hindered widespread

application of the enzyme for fabrication of EBFCs and other biotechnological purposes. The problem

was solved by heterologous expression of the enzyme in several host organisms, of which Pichia

pastoris was shown to be most suitable, resulting in production of active recombinant enzyme

(recAmPDH) with 30% glycosylation.44 A further step in engineering of recAmPDH was achieved

through enzymatic deglycosylation of the overglycosylated enzyme, which resulted in improved

electrocatalytical performance of deglycosylated PDH compared to its glycosylated analogue.30–32

Time-consuming and generally expensive production of enzymatically deglycosylated enzyme

suggested that other approaches for engineering of PDH should be implemented. In the present study

we utilise a novel approach for engineering PDH, based on a recent report,35 as follows: asparagine

residues (N) carrying the glycan moieties in the enzyme were first assigned using MALDI-MS

measurements in combination with endoglycosidase treatment and tryptic digestion.35 Three of the five

possible glycosylation positions: N75, N175 and N252 were confirmed to carry carbohydrate moieties.

Using site-directed mutagenesis it was then possible to exchange glycosylated asparagine (N) residues

and express an enzyme in Pichia pastoris that lacks part of the glycosyl moiety. Two single mutant

PDHs (mPDHs) (SM) with asparagine residues exchanged to glycine (G), N75G, and glutamine (Q),

N175Q, one double mutant with N exchanged to G in N75 and to Q in N175 position (DM; N75G

N175Q) and one triple mutant with N exchanged to G, Q and Q in positions N75, N175 and N252,

respectively (TM; N75G N175Q N252Q) were produced. In the work described herein all four

mutants were electrochemically “wired” to three polyvinylimidazole-bound osmium complexes with

different formal potentials (E°′ = 140 mV, 320 mV and 420 mV vs. NHE) and the electrocatalytic

properties of the enzyme electrodes studied using flow-injection amperometry and cyclic voltammetry.

The mPDHs were also directly adsorbed onto the working electrodes in order to study their ability to

directly communicate with the electrode surface in a mediator-less mode.

Enzyme engineering

Four mutant PDHs from Agaricus meleagris were recombinantly expressed in Pichia pastoris

(volumetric activity 0.1–0.4 U mL−1; specific activity 0.3–3.7 U mg−1, protein concentration 0.03–0.8
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mg mL−1). The enzymes were stored at −20 °C in order to preserve their catalytic activity and were

slowly thawed on ice prior to analysis. The volumetric activity of the mutants was determined on a

UV-2401 PC spectrophotometer (Shimadzu Deutschland GmbH, Duisburg, Germany) at 20 °C in the

presence of ferricenium (Fc+) as electron acceptor and glucose as substrate.45 One unit of enzyme

activity was equal to the amount of enzyme required for reduction of 2 μmol of Fc+ per 1 min at 20 °C.

Oligonucleotides were synthesised by VBC Biotech (Vienna, Austria) and polymerase chain reactions

were conducted in a BioRad (Hercules, CA, USA) C1000 Thermal Cycler. Molecular biology reagents

were obtained from Thermo Scientific (Waltham, MA, USA) and used according to the manufacturer's

recommendations. Chemically competent E. coli NEB5α from New England Biolabs (Ipswich, MA,

USA) was used for vector constructions and P. pastoris X33 from Invitrogen (Carlsbad, CA, USA) for

expression. Chromatography resins were purchased from GE Healthcare (Little Chalfont, UK). Endo

Hf (1 000 000 U mL−1; 232 000 U mg−1) was supplied by New England Biolabs (Ipswich, MA, USA).

Site saturation and site directed mutagenesis

Numbering of amino acid residues refers to the mature protein starting with the sequence AITYQ.46

The site saturation mutagenesis library was created using Phusion PCR polymerase (Thermo

Scientific) according to the manufacturer's recommendations and the oligonucleotide primers

fwAmPDHN75 and rvAmPDHN75X (Table S1, ESI†). Chemically competent E. coli NEB5α was

transformed with the DpnI digested amplicon. All transformants were washed from the plate surface

with 5 mL of LB medium containing 25 mg mL−1 Zeocin™ and the suspension was incubated for 90

min at 37 °C on a shaker. Recovered plasmids were linearised with MssI and electroporated into P.

pastoris X33 according to the manufacturer's recommendations. Two hundred clones were picked for

96-deep-well plate expression as described by Sygmund et al.36 The supernatant was screened for

enzymatic activity with Fc+ and 2,6-dichlorophenolindophenol (DCIP) in 96-well plates.

Overlap extension PCR was used for site directed mutagenesis. Two amplicons were generated using

Phusion DNA polymerase (Thermo Scientific) and one mutating oligonucleotide (Table S2, ESI†)

with the complementary AOX oligonucleotide each (3′AOX: 5′-GCAAATGGCATTCTGACATCC-

3′, 5′AOX: 5′-GACTGGTTCCAATTGACAAG-3′). In a subsequent polymerase chain reaction with

5′AOX and 3′AOX the two amplicons were fused. The resulting DNA fragment was ligated into the

XbaI and KpnI restriction sites of pPICZ-B. The vector was amplified in E. coli NEB5α, recovered

and electroporated into P. pastoris according to the manufacturer's recommendations.

AmPDH1 [GeneBank: AY753307.1] glycosylation sites were previously predicted from the sequence

in silico. Five consensus sites NXS/T are found, one (N313) is ruled out by the presence of proline at

the middle position, another one (N319) was judged to have a low probability of glycosylation by the
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prediction software NetNGlyc 1.0. Positions N75, N175 and N252 were since confirmed by mass

spectrometry analysis of tryptic fragments.35 The locations of these sites, and of the additional site at

N319, are shown in Fig. 1a, based on the AmPDH1 crystal structure.42 N319 is located in a surface cavity

but the other sites are well exposed. N75 is located next to the largest active site access and close to the

covalently bound catalytic co-factor FAD. N175 is situated on the other side of the active site access.

The fragmentation site into the ∼46 kDa and ∼20 kDa fragments is between residues 416 and 417,

positioned between N75 (∼34 Å away) and N175 (∼24 Å away) (Fig. 1b). N252 is on the far side of the

protein. N75 and N175 were selected for elimination due to the expected effect of reducing the distance

from the active site and the FAD co-factor to the electrode surface when the enzyme is immobilised on

the electrode. The third site, N252, was eliminated to additionally reduce the overall size of the enzyme.

The AmPDH1 N75X site saturation mutagenesis library was created from Ampdh1 in pPICZ-B

(Invitrogen, Life Technologies) with the primers fwAmPDHN75 and rvAmPDHN75X. 10% of the

screened clones expressed active PDH and were rescreened in triplicates, and 14 mutants with

expression of active enzyme were sequenced. Half of the clones were wild type, while the others were

mutated to N75G, Q, K or H. These four mutants were expressed in shake flasks with AmPDH1 wild

type (wt) as positive control and purified in a simplified 2-step chromatography scheme (Table S1,

ESI†). AmPDH1 N75G showed the best expression at almost wild type levels and was chosen for

further study. The other N-glycosylation site mutants were constructed by site directed mutagenesis

(Table S2, ESI†). AmPDH1 N75G/N175Q could be expressed in shake flasks to twice the volumetric

activity of AmPDH1 N75G/N175G. Gln was therefore chosen as replacement for Asn at N175 and N252.

Fig. 1 AmPDH1 X-ray crystal structure (Tan et al. 2013), the FAD co-factor shown as
stick structure and N-glycosylated Asn in purple. (a) Black arrows indicate access to the
active site. (b) Cleavage position (arrow) of 46 kDa (grey) and C-terminal 20 kDa
fragment (red).
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Expression and purification of A. meleagris pyranose dehydrogenase 1 in P. pastoris

Methanol induced expression in P. pastoris was done according to the Invitrogen “Pichia

Fermentation Process Guidelines” in a 5 L stirred-tank bioreactor (MBR, Wetzikon, Switzerland) (see

ESI†).

The enzyme was purified from the harvested supernatant by salt precipitation ((NH4)2SO4) followed

by hydrophobic interaction chromatography at room temperature (750 mL of Phenyl-Sepharose fast

flow, 15 mL min−1). The eluted fractions of the enzyme were subjected to buffer exchange with Bis-

Tris buffer (50 mM, pH 6.5) and subsequent anion exchange chromatography (60 mL of DEAE-

Sepharose fast flow, 10 mL min−1) was conducted. The fractions with high enzyme activity were

pooled and subjected to a second purification step, which included salt precipitation and hydrophobic

interaction chromatography. The resulting fractions were pooled for highest specific activity, washed

with sodium phosphate buffer (50 mM, pH 6.5) and concentrated by ultracentrifugation (10 kDa

Amicon Ultra-15 Centrifugal Filter Units, Millipore Corp.). If necessary, the resulting enzyme solution

was further purified by gel filtration (180 mL of Superose12, 1 mL min−1). Purified and concentrated

enzyme solutions were stored at −20 °C.

The recombinant expression of N-glycosylation site mutants and the wt enzyme were compared in

simultaneous expression in an Infors HT Multifors 6 × 0.5 L bioreactor system, according to the

Invitrogen “Pichia Fermentation Process Guidelines”. Wet biomass, protein concentration and enzyme

activity at standard conditions were determined (see ESI†).

Expression of AmPDH1 N-glycosylation mutants

The single mutant N75G and the multiple mutants N75G/N175Q (DM) and N75G/N175Q/N252Q

(TM) were expressed in P. pastoris in Infors HT Multifors bioreactors in parallel and in three repeats

to compare expression efficiency (Fig. 2). Due to limitations in the aeration with pressurised air,

oxygen supply was limited in the bioreactors and a methanol feed rate of 0.4 mL h−1 could not be

exceeded. There was no significant difference in the protein concentration in the supernatant between

wild type and mutant PDH producers after 96 h. AmPDH1 N75G showed a similar volumetric activity

yield as that of the wild type, whereas AmPDH1 DM and TM had a lower volumetric activity yield of∼50% of that of the wild type (Fig. 2).

The not optimised expression yielded 0.1–0.4 U mL−1 (0.3–3.7 U mg−1) in the supernatant. Purification

was done by a 3-step chromatography scheme (Phenyl-Sepharose, DEAE-Sepharose, Phenyl-Source),

whereas AmPDH1 DM was polished in an additional gel filtration step with Superose12 resin (Table

S3, ESI†). An eight- to 115-fold increase in specific activity could be achieved with a purification
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yield of 11–30%, due to strict pooling. In parallel production experiments of mutant enzymes with

wild type enzyme, the single mutation N75G had no significant impact on expression efficiency. The

mutation at N175 in AmPDH1 DM, however, decreased the volumetric and specific yield by half. An

additional mutation at N252 in AmPDH1 TM did not lead to a further decrease in yield. The single

mutation N175Q showed an ambiguous picture with expression levels between wt/N75G and

AmPDH1 DM (data not shown). This suggests a different importance of the particular glycosylation

sites, in this case namely that position N175 requires intact N-glycosylation for proper folding and/or

secretion of the enzyme. AmPDH1 N175Q, DM and TM showed sufficient expression levels in 5 L

stirred-tank bioreactors and AmPDH1 N75G in shake flasks (0.1–0.4 U mL−1) for subsequent

characterisation of the purified enzyme.

Fig. 2 Recombinant expression of AmPDH1 N75G, DM, TM and wt in P. pastoris in
Infors Multifors bioreactor: wet biomass, protein concentration and volumetric activity
after 96 h relative to the wild type reference.

Protein characterisation

The fragmentation of purified AmPDH1 into a ∼46 kDa and a ∼20 kDa fragment (observed on SDS-

PAGE) was described by Sygmund et al.36 Yakovleva et al.35 observed complete fragmentation of

enzymatically deglycosylated AmPDH1 (dgAmPDH1) within 2 months at 4 °C, with a concomitant∼6-fold increase in specific activity. All tested AmPDH1 N-glycosylation mutants also formed these

two fragments in a glycosylation-dependent pattern (Fig. S1, ESI†). AmPDH1 DM and TM were

fragmented to a large degree immediately after purification, and completely within 1–2 months, and

showed an increase in specific activity similar to dgAmPDH1. AmPDH1 N175Q fragmentation was

slower with a less pronounced activity increase, and AmPDH1 wt and N75G only started to fragment

in this time frame without any increase in specific activity. As observed for expression efficiency,

there is no significant effect by the mutation of N75 alone, a larger influence of N175 alone, and a

significant effect to levels observed for dgAmPDH1 by a combination of these two mutations. A third
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mutation, eliminating the distant site 252, does not increase any of the observed effects further.

Therefore, the N-glycosylation sites in proximity to the active site appear to influence correct folding

and expression/secretion efficiency. The mechanism of cleavage at S416/Y417 is not known and

appears to be a spontaneous or autocatalytic process, as it is observed in protein preparations that are

purified to homogeneity. It has to be noted that, despite the appearance of two distinct fragments

originating from the same protein on SDS-PAGE (confirmed by peptide sequencing, not shown), an

actual separation of the two fragments is highly unlikely, if not impossible, as the smaller fragment

contains amino acids considered essential to catalysis.47 Mass spectrometric investigation of the

mutants, including DM and TM, also did not reveal any large missing fragments (not shown). This

indicates that the peptide chain is “nicked” upon storage, but the two fragments remain attached to

each other, as is suggested by their close interaction (Fig. 1b), and only separate under denaturing

conditions. Nevertheless, the presence of glycosyl moieties on the two N-glycosylation sites in near

vicinity, particularly the closest one, exerts a strong influence. It is also interesting to note that the

elimination of one and two glycosylation sites (N75, N175, or both) does not visibly reduce the

molecular mass of the purified protein, suggesting heavier glycosylation of the remaining site(s). Only

knock-out of N75, N175 and N252 results in a sharp band at ∼65 kDa on the SDS-PAGE,

indistinguishable from the enzymatically deglycosylated wt AmPDH1.

Electrochemical methods

All chemicals were purchased from Sigma-Aldrich Chemie GmbH (Steinheim, Germany) if not stated

otherwise. Synthesis of osmium redox polymers: [Os(dmobpy)2(PVI)10Cl]+2/+ (E°′ = 140 mV vs.

NHE), [Os(dmbpy)2(PVI)10Cl]+2/+ (E°′ = 320 mV vs. NHE) and [Os(bpy)2(PVI)10Cl]+2/+ (E°′ = 420 mV

vs. NHE), where dmobpy is 4,4′-dimethoxy-2,2′-bipyridine, dmbpy is 4,4′-dimethyl-2,2′-bipyridine,

bpy is 2,2′-bipyridine, and PVI is poly(N-vinylimidazole), was performed according to the protocol

described in.48,49 The osmium polymers were dissolved in deionised water to obtain a concentration of

5 mg mL−1. Sodium phosphate buffer with a total phosphate concentration of 50 mM (pH 7.4)

containing 137 mM NaCl was used throughout all experiments. It was degassed prior to the

measurements in order to avoid bubble formation in the FIA system. Calibration solutions of D(+)-

glucose were prepared daily by diluting a 40 mM stock solution with buffer. All aqueous solutions

were prepared using deionised water purified with a Milli-Q purification system (EMD Millipore

Corporation, Billerica, MA, USA).

Preparation of enzyme-modified graphite electrodes

The electrodes were prepared from graphite rods with a diameter of 3.05 mm and 13% porosity

(Ringsdorff Werke GmbH, Bonn, Germany). Rods were cut into 3 cm pieces, polished on wet emery
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paper (grit number P1200), washed with water and dried in an air flow prior to modification. For

chemical cross-linking poly(ethyleneglycol)(400)diglycidyl ether (PEGDGE) was diluted to a final

concentration of 68% (v/v) with deionised water. Two microliters of PEGDGE solution were then

mixed with 5 μL of Os-polymer solution on the surface of the graphite electrode and left for 10 min

before drop-coating of the enzyme. Five microliter of each enzyme solution (N75G: 26.3 mg

mL−1/1440 U mL−1; N175Q: 24.1 mg mL−1/1103 U mL−1; DM: 17.0 mg mL−1/624 U mL−1; TM: 16.1

mg mL−1/820 U mL−1) were added to the mixture of PEGDGE-Os-polymer and left overnight at 4 °C

in a humid atmosphere for completion of cross-linking. For direct electron transfer (DET) experiments

5 μL of solutions containing the various mPDHs were directly drop-coated onto the surface of working

electrodes and stored overnight under the same conditions as described for mediated electron transfer

(MET). The modified electrodes were rinsed with the running buffer prior to the measurements in

order to remove loosely attached material. All experiments were performed at room temperature.

Flow-injection amperometry

The current response of the enzyme-modified electrodes towards the substrate (glucose) was measured

using a flow-injection (FI) system described elsewhere.50,51 The electrodes were pressfitted into a

teflon holder and mounted into a wall-jet type flow-through electrochemical cell.52 The graphite rods

served as the working electrode, an Ag|AgCl (0.1 M KCl, 288 mV vs. NHE) as the reference electrode

and a platinum wire as the counter electrode. A constant potential was applied onto the working

electrode controlled by a three-electrode potentiostat (Zäta Electronics, Höör, Sweden). Glucose

solutions of different concentrations (50 μl volume) were introduced into the system by a six-port

injection valve (Rheodyne, type 7125 LabPR, Cotati, CA, USA) at a constant flow rate of 0.5 mL

min−1 controlled by a peristaltic pump (Minipuls 3, Gilson, Villier-le Bel, France). The change in

current was then registered with a BD 112 recorder (Kipp & Zonen, Utrecht, The Netherlands). The

concentrations of all injected samples were corrected for a dispersion factor of the FI system equal to

1.08. Values for the apparent Michaelis–Menten constant (Kapp
M) and saturating current densities (Jmax)

were obtained by fitting the data with the Michaelis–Menten equation.

Cyclic voltammetry

All voltammograms were recorded using a BAS CV-50W potentiostat (Bioanalytical Systems, West

Lafayette, IN, USA) in 50 mM phosphate buffer at pH 7.4 (137 mM NaCl) at room temperature in the

absence of oxygen. The response to 25 mM glucose was measured with the enzyme-modified graphite

electrodes at a scan rate of 1 or 5 mV s−1. A saturated calomel electrode (244 mV vs. NHE) was used

as the reference electrode and a platinum foil as the counter electrode.
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Results and discussion

Catalytic performance of Os-polymer/mPDH-modified electrodes

In our recently reported study the glycosylation positions in PDH were assigned using MALDI-MS in

combination with Endo H treatment and tryptic digestion.35 The obtained information was used for

production of the mPDHs lacking part of the glycosylation. This was accomplished by destroying a

typical glycosylation pattern N-X-S/T/C (where X can be any amino acid except for proline53) in the

protein polypeptide chain. N in the tripeptide consensus sequon was exchanged to either G or Q and

two single, one double and one triple mPDH with different degrees of deglycosylation were

engineered. The study of the use of these enzymes focuses on their bioelectrochemical characterisation

when co-immobilised with the polyvinylimidazole-bound Os-complexes exhibiting different E°′-

values defined by the electron donating/accepting radical in the 4,4′-position of the 2,2′-bipyridine

ligands of the polymer.48 For provision of anodes for EBFCs, redox polymers demonstrating glucose

oxidation at lower redox potentials provide the possibility of power production at higher overall cell

voltages.54,55 However, this advantage may be offset by the loss in catalysis as the redox potential

approaches the potential of the PDH active site.18 The applied potential for characterisation of the

mediator/enzyme couples was selected based on previously reported data.30–32,35,43

Os(dmobpy)PVI/mPDH-modified electrodes were characterised at an applied potential of 288 mV vs.

NHE, at which a steady state current is obtained. An applied potential of 444 mV vs. NHE was

selected for electrodes coated with Os(dmbpy)PVI/mPDH and Os(bpy)PVI/mPDH.

The electrocatalytic response of the films containing the different Os-polymer/mPDHs couples to

glucose were measured in the flow injection system in 50 mM phosphate buffer pH 7.4 (137 mM

NaCl) (Fig. S2, ESI†). The current densities obtained for the oxidation of glucose by the mPDHs-

containing films increase with a shift in E°′-values of the Os-polymer towards more positive values as

a function of the ligand used: Os(dmobpy)PVI < Os(dmbpy)PVI < Os(bpy)PVI (Table 1).

This result is expected considering that the driving force for electron transfer is increasing with the

increase in potential difference between the bound FAD of mPDH and the Os-polymer. Maximum

response is obtained for each of the mPDHs electrochemically “wired” with the Os(bpy)PVI-based

polymer. The Kapp
M-values obtained from the curve fitting of the results are displayed in Table 1 and

the smallest Kapp
M-values are obtained for the electrodes containing mPDH “wired” to the

Os(dmobpy)PVI polymer exhibiting the lowest E°′.

The CVs recorded in the absence of substrate (Fig. 3) indicate that films of the DM and TM enzyme

contain approximately half the amount of redox-active polymer compared to films of the N75G and

N175Q enzyme, whilst providing higher maximum current densities (Table 1). Osmium coverage
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alone therefore does not determine glucose oxidation current response. The cyclic voltammetry results

presented in Fig. 3 are in a good agreement with the FIA data (Fig. S2, ESI†).

Table 1 Summary of kinetic data obtained in the flow mode using Os-polymer/mPDH-
and mPDH-modified electrodes

Type of ETa MET DET

mPDH Kin. param.b Os(dmobpy)-PVI Os(dmbpy)-PVI Os(bpy)-PVI -

N75G J max/μA cm−2 0.5 ± 0.02 2.5 ± 0.09 22.2 ± 1.8 1 ± 0.06
N175Q 6.2 ± 0.2 20.9 ± 0.7 152.7 ± 2.8 1.8 ± 0.05
DM 9.8 ± 0.3 290.1 ± 15.9 802.4 ± 101.07 7.8 ± 0.7
TM 35.2 ± 0.5 51.7 ± 0.6 215 ± 2.5 6.6 ± 0.2

N75G K app
M/mM 1.9 ± 0.1 5.9 ± 0.2 6.7 ± 0.1 4.5 ± 0.4

N175Q 0.7 ± 0.1 3.8 ± 0.4 7.6 ± 1.3 2.1 ± 0.4
DM 0.2 ± 0.06 2.1 ± 0.2 1.7 ± 0.1 5.2 ± 0.4
TM 0.7 ± 0.1 4.4 ± 0.6 10.2 ± 2.4 3.9 ± 0.9

a ET – electron transfer. b Kin. param. – kinetic parameter.

Fig. 3 Cyclic voltammograms of a series of Os-polymer/mPDH-drop-coated graphite
electrodes recorded at a scan rate of 1 mV s−1 in 50 mM phosphate buffer (137 mM NaCl,
pH 7.4) in inert atmosphere in (grey dotted line) the absence and (blue solid line) the
presence of 25 mM glucose: (a) N75G-; (b) N175Q-; (c) DM-; (d) TM-modified
electrodes. Os-polymers used for cross-linking with various mPDHs: (1)
Os(dmobpy)PVI-; (2) Os(dmbpy)PVI-; (3) Os(bpy)PVI-based polymer.
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When comparing the various mPDHs a clear correlation between the electrocatalytic response and the

degree of deglycosylation can be observed for the SMs and the DM (Fig. 3 and Fig. S2, ESI†). The

DM co-immobilised with the different Os-polymers generates current densities greater than those

obtained for either of the SMs covalently bound to the corresponding Os-polymers. The concentration

in terms of mg mL−1 is higher for the SMs (N75 g: 26.3 mg mL−1; N175Q: 24.1 mg mL−1) than for the

DM (17.0 mg mL−1) and the TM (16.1 mg mL−1). Even though the specific activity of the enzyme

solutions (N75G: 1440 U mL−1; N175Q: 1103 U mL−1; DM: 624 U mL−1; TM: 820 U mL−1) is around

twice as high for the SMs, the current densities obtained for the oxidation of glucose increase in the

following order: N75 < N175 < DM (Table 1). The explanation may be that the electron transfer rate

between the two electroactive species is increased by bringing them closer to each other.23 The glycan

shell of DM is smaller than that of the SMs. Therefore, the active site of the DM is more accessible to

be “wired” to the Os-polymer compared to mPDHs with a higher glycosylation degree and the

electron transfer will hence become faster.

Taking these observations into consideration, it is expected that the TM should outperform both the

DM and the SMs when “wired” with the various Os-polymers, because the TM has less carbohydrates

attached to its polypeptide chain. Surprisingly, the opposite effect is observed. Analysis of the

biological functions of carbohydrates indicates that the latter play an important role in the physical

maintenance and the catalytic performance of the whole glycoprotein. Moreover, it is difficult to

predict a priori an effect of elimination of the glycan on the properties of the glycoprotein.56 This may

explain why the DM shows much better catalytic response to glucose compared to the TM in both

flow injection and cyclic voltammetric measurements, when the same mass of enzymes is co-

immobilised with the mediator on the surface of the working electrodes. Apparently, glycosylation in

N252 is needed for retaining a high activity of mPDH using the osmium polymers as mediators, and

exchanging N to Q in the protein polypeptide chain does not further improve the catalytic efficiency of

mPDH.

The onset of the oxidation current is observed for all of the enzyme electrodes starting at a potential

close to the E°′ of each redox polymer. The films modified with cross-linked Os(bpy)PVI/DM display

the highest current densities (Table 1) compared to the other mPDHs prepared using the same redox

polymer. With an increase in E°′ of the mediator the catalytic response of the Os-polymer/mPDH-

modified electrodes becomes more clearly observed in the cyclic voltammograms, as expected

considering the increase in the thermodynamic driving force of the electron transfer reaction.

The performance of the Os(dmbpy)PVI/DM electrode exhibiting the highest response to glucose in the

FI and the CV studies was compared with the previously reported data on films prepared by co-

immobilisation of an Os-polymer with enzymatically deglycosylated recombinantly expressed
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AmPDH (dgPDH)31,32 or the more active fragmented form of the same enzyme (fdgPDH).35 Equal

mass amounts of the enzyme, mediator and cross-linker were utilised for drop-coating onto the

electrodes and the obtained films were screened under similar experimental conditions (buffer

composition, applied potential, glucose as a substrate). The Os(dmbpy)PVI/DM-based films reported

here produce a higher catalytic response (Jmax = 290 μA cm−2) compared to the Jmax of 146 μA cm−2

and 248 μA cm−2 for the Os(dmbpy)PVI/dgPDH- and the Os(dmbpy)PVI/fdgPDH-based films,

respectively.32,35

Comparison with results of other sugar-oxidising enzyme electrodes is difficult due not only to

considerable differences in the testing conditions such as glucose concentration, temperature and pH

selected, but also to the effect of the electrode preparation methodologies, variability in experimental

approaches and the method used to measure current density. For example, Murata et al.57 recently

reported that deglycosylated FAD-dependent glucose dehydrogenase from Aspergillus terreus, co-

immobilised, through diepoxide crosslinking with an Os-polymer on glassy carbon electrodes, rotated

at 5000 rpm, yields glucose oxidation current densities of 0.95 mA cm−2 and 4 mA cm−2 in 5 mM and

200 mM glucose, respectively, at 0.5 V vs. Ag|AgCl in pH 7.0 buffered solution at 25 °C.

Due to the drawbacks associated with general use of mediators,2,3,9 DET approach for construction of

bioanodes and cathodes is quite appealing. In the present study current output from mPDH-modified

electrodes was studied using CV and FI (see ESI†). Although all of the films containing mPDHs

possess an ability to directly communicate with the electrode surface, DET takes place at high

overpotentials and current densities produced are much lower in comparison with the MET mode (Fig.

S3 and S4, ESI†). Therefore, application of mPDH-modified films in fabrication of bioanodes is still

limited.

Conclusions

A number of recombinantly expressed mPDHs with different degrees of glycosylation produced by

site-directed mutagenesis are screened in order to select the mutant enzyme exhibiting properties

required for further application in the fabrication of bioanodes. The enzymes are co-immobilised with

Os(dmobpy)PVI, Os(dmbpy)PVI and Os(bpy)PVI-based redox polymers ranging in E°′ and co-

precipitated on the surface of graphite working electrodes. An equal mass of all film components is

utilised for electrode preparation and comparison. The Os-polymer/mPDH-modified film electrodes

are characterised using flow-injection amperometry and CV. The Os(bpy)PVI/DM-based films

reported here produce the higher catalytic response (Jmax = 802 μA cm−2) compared to those films

prepared using the Os-polymers with a lower E°′ and with a different degree of glycosylation. The

greater current densities generated by those biocatalytic films containing DM co-immobilised with
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Os(bpy)PVI and the less laborious and relatively fast production of the enzyme makes it easier to

integrate the enzyme into an EBFC.

All forms of the mutant enzyme possess an ability to directly communicate with the electrode surface

with DM having the highest and the most stable current response to glucose (Jmax = 7.8 μA cm−2).
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Abstract

Pyranose Dehydrogenase 1 from the basidiomycete Agaricus meleagris (AmPDH1) is an

oxidoreductase capable of oxidizing a broad variety of sugars. Due to this and its ability of dioxidation

of substrates and no side production of H2O2, it is studied for use in enzymatic bio-fuel cells.

In-vitro deglycosylated AmPDH1 as well as knock-out mutants of the N-glycosylation sites N75 and

N175 near the active site entrance were previously shown to improve achievable current densities of

graphite electrodes modified with AmPDH1 and an osmium redox polymer acting as a redox mediator,

up to 10-fold. For a better understanding of the role of N-glycosylation of AmPDH1, a systematic set

of N-glycosylation site mutants was investigated in this work, regarding expression efficiency, enzyme

activity and stability. Furthermore, the site specific extend of N-glycosylation was compared between

native and recombinant wild type AmPDH1.

Knocking out the site N252 prevented detectable enzyme overglycosylation on SDS-Page, but did not

substantially alter enzyme performance on modified electrodes. This suggests that not the molecule

size but other factors like accessibility of the active site improved performance of deglycosylated

AmPDH1/Os-polymer modified electrodes. A fourth N-glycosylation site of AmPDH1 could be

confirmed by HPLC-ESI-MS at N319, which appeared to be conserved in related fungal pyranose

dehydrogenases but not in other members of the glucose-methanol-choline oxidoreductase structural

family. It was shown to be the only essential one for functional recombinant expression of the enzyme.

Abbreviations

AmPDH1, A. meleagris pyranose dehydrogenase 1; AOX, alcohol oxidase; CDH, cellobiose

dehydrogenase; GMC, glucose-methanol-choline; Fc+, ferrocenium hexafluorophosphate; FIA, flow

injection analysis; GlcNAc, N-acetylglucosamine; GOx, glucose 1-oxidases; HexNAc, N-

acetylhexosamine; PDH, pyranose dehydrogenase; P2O, pyruvate 2-oxidase



Chapter III

69

Introduction

The secreted fungal oxidoreductase pyranose dehydrogenase (PDH; EC 1.1.99.29) was first described

by Volc et al. [1], and the main variant from Agaricus meleagris (AmPDH1) by Sygmund et al. [2].

PDH oxidizes a broad range of mono- and disaccharides at C1-C4, depending on the substrate, and is

capable of dioxidation. Quinones and metallo-complexes serve as electron acceptors but not molecular

oxygen [3,4]. Its biological function is not well understood but hypothesized to include a role in fungal

response against quinones used by plants as defence and in lignin degradation by reducing quinones

[4].

PDH has been studied for use in carbohydrate chemistry and bioconversion [2,3,5,6] but also

successfully wired to, and optimized on, modified electrodes for use in biosensors or in enzymatic bio-

fuel cells [7–13]. In the latter case, electrodes are modified with oxidoreductases to generate electric

current by oxidizing substrates at the anode while usually reducing molecular oxygen to water at the

cathode. The broad substrate range, lack of production of H2O2 and ability of dioxidation make PDH a

promising candidate for the anodic half reaction [4]. Shao et al. [14] reported a membraneless

enzymatic bio-fuel cell prototype with a mixed AmPDH1/cellobiose dehydrogenase flavodomain

anode. Recently, another prototype had been constructed, which operated in human physiological

solution and powered transmission of sensing data (jmax=0.275 mA cm−2) [15].

AmPDH1 belongs to the glucose-methanol-choline (GMC) structural family alongside glucose 1-

oxidases (GOx; EC 1.1.3.4), cellobiose dehydrogenases (CDH; EC 1.1.99.18), pyranose 2-oxidases

(P2O; EC 1.1.3.10) and alcohol oxidases (AOX; EC 1.1.3.13) [16,17]. It is to date the only pyranose

dehydrogenase, which has been structurally resolved in X-ray crystallography (PDB-ID: 4H7U, [18])

and features two tightly interwoven conserved domains, a Rossman-fold (PRK07364, GMC_oxred_N:

pfam00732), which covalently binds the FAD co-factor via H103, and a substrate binding domain

(GMC_oxred_C: pfam05199), which features H512, the only catalytic base of AmPDH1 [18–20]. As a

secreted fungal enzyme, native AmPDH1 is N-glycosylated and was estimated to have a sugar content

of 7% (m/m) [2].

To enable expression of enzyme variants, heterologous expression in Pichia pastoris was established.

Pichia pastoris is known to be less prone to over-glycosylate heterologous proteins than the yeast

model system Saccharomyces cerevisiae, but was observed to do so [21]. Indeed the purified

recombinant product featured a comparable specific activity but also a more extensive and

heterogeneous N-glycosylation pattern with a sugar content of approximately 30% [22].

Yakovleva et al. [9] found that recombinant AmPDH1/Os-polymer-modified graphite electrodes

yielded higher currents when PDH was deglycosylated in-vitro prior to use. This created interest in

producing PDH with no or reduced N-glycosylation. As expression in Escherichia coli yielded only
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non-functional enzyme in form of inclusion bodies [22], knock out mutants, with a focus on N-

glycosylation sites around the active site access, were expressed in Pichia pastoris. The mutant

AmPDH1 N75G/N175Q, showed a higher jmax (290 µA cm-1) compared to the glycosylated

recombinant wild type enzyme [9,23]. Interestingly, however, this double mutant largely retained the

over-glycosylation pattern of recombinant AmPDH1 wt. When all three glycosylation sites, which

were at this point confirmed by mass spectrometry, were knocked out, the purified enzyme formed a

well-defined band close to deglycosylated AmPDH1. However, the current output of electrodes

modified with this triple mutant was not improved compared to the wild type (52 µA cm-1) [23]. These

results suggest a site specific heterogenous N-glycosylation of AmPDH1, with differential effects of

individual N-glycosylation moieties on enzyme performance and stability. In this work this was

investigated further by elucidating the N-glycosylation pattern of native and recombinant AmPDH1

and the impact of individual N-glycosylation sites on the recombinantly expressed enzyme. To this

end a systematic set of N-glycosylation site knock-out mutants was expressed and characterized.

Material and methods
Chemicals
Chemicals were of the highest grade and purchased from Sigma Aldrich (St. Louis, MO, USA) unless

stated otherwise. GE Healthcare (Chalfont-St. Giles, UK) was the supplier for the Phenyl-Sepharose

FF chromatography resin and Thermo Fisher Scientific (Waltham, MA, USA) for restriction enzymes

and Phusion polymerase. NEB-5α competent Escherichia coli from New England Biolabs (Ipswich,

MA, USA) was used for cloning and Pichia pastoris X33 from Invitrogen (Carlsbad, CA, USA) for

heterologous expression. Alfa Aesar & Co KG (Karlsruhe, Germany) graphite rods (AGKSP grade,

Ultra "F" purity, ASTM C-6, 3.81 cm, 3.05 mm diameter) were used as working electrodes and the

polymer [Os(4,4′-dimethyl-2,2′-bipyridine)2(poly(1-vinylimidazole)10)Cl2]+2/+

([Os(dmbpy)2(PVI)10Cl]+2/+, E0‘ = 320 mV vs. NHE) for electrode modification.

Mutagenesis and microtiter plate screening
Site directed mutagenesis was done by overlap extension PCR, with Phusion PCR Polymerase

(Thermo Fisher Scientific, Waltham, MA, USA), as reported elsewhere [23].

The site saturation library of transformed Pichia pastoris X33 was created according to previously

described protocols [23] and screened by a modified microtiter plate expression protocol based on

Weis et al. [22,24]. 300 µl BMD1 medium (100 mM potassium phosphate buffer pH 6, 1.34% yeast

nitrogen base without amino acids, 0.4 µg mL-1 biotin, 1% D-glucose) per well were inoculated and

after 64 h of incubation (25°C, 360 rpm, 80% humidity) 300 µl BMM2 medium (100 mM potassium

phosphate buffer pH 6, 1.34% yeast nitrogen base without amino acids, 0.4 µg mL-1 biotin, 1%
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methanol) were added. 70 µl BMM10 medium (100 mM potassium phosphate buffer pH 6, 1.34%

yeast nitrogen base without amino acids, 0.4 µg mL-1 biotin, 5% methanol) were added at 73 h, 89 h

and 112 h after inoculation. After 136 h the supernatant was harvested by plate centrifugation (3500

rpm, 4°C, 10 min) and transferred to a new plate. Enzymatic activity was determined by measuring 50

µl of supernatant per well in a Fc+-96-well-microtiter assay (100 mM sodium phosphate buffer pH 7.5,

0.2 mM ferrocenium hexafluorophosphate, 25 mM D-glucose, 30°C, total volume: 200 µl).

Shake flask expression screening
Shake flask expression screening was done by modifying the microtiter plate protocol from Weis et al.

[24] for 50-150 ml shake flasks. Per shake flask, 10 ml BMD1 medium was inoculated and incubated

at 30°C and 130 rpm. Induction was started by adding 2.2 ml BMM2 after 64 h. 2.2 ml, 2,4 ml and 2,4

ml BMM10 were added after 73 h, 88 h and 112 h after inoculation, respectively. The supernatant was

harvested 136 h after inoculation (centrifuging cell suspension for 20 min at 4000 rpm) and measured

for volumetric activity in a standard ferrocenium assay, as described below, with a modified

measuring time. After 100 s of incubation at 30°C measurement was conducted for 900 s.

Shake flask expression re-screening
Chosen mutants were expressed at 1 L shake flask scale together with AmPDH1 wt as positive control

and with pPICZ-B without gene insert as negative control. 100 ml BMGY (100 mM potassium

phosphate buffer pH 6, 2% peptone, 1% yeast extract, 1.34% yeast nitrogen base without amino acids,

0.4 µg mL-1 biotin, 1% glycerol) were inoculated with pre-culture (10 ml BMGY incubated for 24 h at

30°C and 130 rpm after inoculation) and induction was started after 27 h (1 ml 50% methanol 4 times

a day). Incubation temperature was reduced to 25°C after induction. Cell suspension samples were

taken 24 h and 95 h after induction. 15 ml of the sample supernatant (4000 rpm, 20 min) were

concentrated in 10 kDa Amicon ultrafiltration filter units (Millipore Corp., Billerica, MA, USA) at

4000 rpm to 0.24-0.45 ml. Volumetric activity of the concentrated supernatant was determined by

standard ferrocenium assay.

Enzyme expression and purification
PDH was expressed in methanol induced Pichia pastoris in a stirred-tank bioreactor (7L, MBR,

Wetzikon, Switzerland) and purified by Hydrophobic Interaction Chromatography and Ion Exchange

Chromatography according to a protocol described elsewhere [23]. Some modifications were applied.

Glycerol batch/fed-batch phase lasted for 23-28 h and induction with methanol for 75-94 h. Elution

with Anion Exchange Chromatography was done by gradients of 6-13% elution buffer (Bis-Tris 50

mM, pH 6.5, 1 M NaCl) in 7-10 column volumes. Purified enzyme was stored in sodium phosphate

buffer pH 6.5 (50 mM) at -30°C.
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Native AmPDH1 wt was purified like recombinantly expressed enzyme except for the 3rd purification

step, which was done using a Superdex 75 10/300 GL column instead of a Phenyl-Source column.

Enzyme solution from the previous purification step was prepared for this gel filtration by

concentrating with 10 kDa Amicon ultrafiltration filter units (Millipore Corp., Billerica, MA, USA) to

1.2 ml.

Protein characterization
Samples were denatured with Laemmli buffer and analysed on precast 4-20% acrylamide gels (Mini

Protean TGX gel system, Biorad, Hercules, CA, USA) according to manufacturer’s guidelines.

Coomassie was used for staining and unstained Precision Plus Protein Standard (Biorad) was applied

as reference.

In-vitro deglycosylation of PDH was done with Endo Hf (New England Biolabs) according to a non-

denaturing protocol [25]. Native AmPDH1 was in-vitro deglycosylated with PNGase F (New England

Biolabs) according to the producer’s denaturing protocol.

The thermal unfolding variable Tm was determined by the ThermoFAD protocol [26,27] based on the

change in fluorescence by the PDH cofactor upon unfolding. A Biorad MyIQ Single Color Real-Time

PCR Detection system (excitation filter: 475-495, emission filter: 515-545 nm) was used to measure

the fluorescence of 2 mg ml-1 protein in sodium phosphate buffer (app. 80 mM) at pH 5.5, 6.5 and 7.5.

A temperature gradient was run from 20-95°C (1 min 20°C, afterwards an increase by 0.5°C every 30

s). All measurements were done in triplicates and Tm was the peak of the first derivation of the

fluorescence signal.

HPLC-ESI-MS
Glycopeptide analysis, of Endo Hf digested and undigested protein samples, was done by HPLC-ESI-

MS. For deglycosylation, sample protein (1 mg mL-1) was treated with Endo Hf as described above.

Deglycosylated and glycosylated protein samples were reduced with 5 mM DTT in 100 mM

NH4HCO3 at 56°C for 45 min. Subsequently, samples were carbamidomethylated with 25 mM

Iodoacetamide in the same buffer at room temperature for 30 min. After acetone precipitation (80%

acetone, -20°C, 45 min) 20 µg of sample protein were digested with 0.4 µg of trypsin (Promega,

Fitchburg, WI, USA) in 100 mM NH4HCO3 at 37°C over night. Where a secondary chymotrypsin

digestion was applied, trypsin was inactivated at 96°C for 6 min and 15 µg of sample were incubated

with 0.3 µg of chymotrypsin (Promega) in the same buffer at 37°C over night. Thus prepared protein

samples were analysed in a Dionex UltiMate 3000 LC-system (C18 column: Thermo Scientific 150 x

0.32 mm BioBasic-18, Particle Sz. (u) 5) coupled with a Bruker maXis 4G ETD MS-system. A

modified “peptide mining by LC-ESI-MS/MS” protocol of Pabst et al. [28] was applied. The gradient

was changed from 1% to 80% acetonitrile over 60 min at 6 µl min-1 flow rate and a maXis 4G ETD in
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positive mode was used (ion cooler transfer time: 100 µs, ion cooler pre pulse storage time: 10 µs, low

mass: 300.00 m/z, spectra rate 1 Hz). Auto MS2 in data dependant acquisition mode (switching to

MS/MS mode for eluting peaks) was performed for 8 dominant precursor peaks (active exclusion=on,

exclusion activation=4 spectra, exclusion release= 120 s, absolute threshold: 2500). MS-scans were

recorded in a range of 150-2200 m/z. Instrument calibration was performed using ESI calibration

mixture (Agilent).

Manual glycopeptide searches were made using DataAnalysis 4.0 (Bruker). For the quantification of

the different glycoforms, the peak areas of EIC (Extracted Ion Chromatograms) of the first 4 isotopic

peaks were summed. Adduct formation (mainly ammonium) and different charge states of the ions

were taken into account.

Enzymatic assays

The redox dye ferrocenium hexafluorophosphate (Fc+) (300 = 4.3 mM-1 cm-1) was used for

spectrophotometric activity assays [29]. Unless mentioned otherwise, enzymatic activity was

measured with 0.2 mM Fc+ and 25 mM D-glucose at 30°C for 5 min. One Unit was defined as

reduction of 2 µmol of Fc+ to ferrocene per min. Apparent kinetic constants were determined in

triplicate measurements and non-liniear regression was done with SigmaPlot 11.0.

Flow Injection Amperometry
The Os polymer [Os(dmbpy)2(PVI)10Cl]+2/+ was dissolved in deionised water by ultrasonification at a

concentration of 5 mg ml-1. Graphite rods of 3.05 mm diameter were polished on wet emery paper

(P1200) and air-dried. 5 µl of an [Os(dmbpy)2(PVI)10Cl]+2/+ solution and 2 µl of a freshly prepared

68% (w/v) poly(ethyleneglycol)(400)diglycidyl ether in water solution were mixed on the electrode

surface and left for 8-10 min at room temperature before adding 5 µl of (AmPDH1 N252Q: 20.4 µg µl-

1, AmPDH1 N75G/N252Q: 17.1 µg µl-1) or 7.5 µl of (AmPDH1 N175Q/N252Q: 13.6 µg µl-1) enzyme

solution, respectively. Modified electrodes were stored at 4°C in saturated atmosphere overnight and

rinsed with deionised water before use.

Flow-injection amperometry was conducted in a wall-jet flow-through electrochemical cell as

previously described [23,30–32]. AmPDH-modified graphite working electrodes were fitted into a

Teflon holder and measured for current response after injection of D-glucose. A platinum counter-

electrode and Ag-AgCl (0.1 mM KCl, 288 mV vs. NHE) reference-electrode were used in this setting

and a constant potential of 444 mV vs. NHE was applied to the working electrode by a three electrode

potentiostat from Zäta Electronics (Höör, Sweden). The peristaltic pump (Minipuls 3, Gilson, Villier-

le Bel, France). was set to a flow rate of 0.5 ml min-1, 50 µl of substrate was injected by a 6-port valve

(Rheodyne, type 7125 LabPR, Cotati, CA, USA) and the running buffer was a sodium phosphate

buffer (50 mM, pH 7.4) with 137 mM NaCl. The current output was recorded by a BD 112 recorder
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from Kipp & Zonen (Utrecht, The Netherlands). Injected substrate concentrations were corrected by a

dispersion factor of 1.23 and the Michaelis-Menten equation was fitted to the data to derive apparent

Km
app and saturating current densities (jmax). Measurements were conducted with three or more

independent repeats using different electrode preparations for each repeat.

Results
Site directed and site saturation mutagenesis of AmPDH1 N-glycosylation sites
A set of N-glycosylation site knock out mutants of AmPDH1 had been studied already by Yakovleva

et al. [23] (AmPDH1 N75G, N175Q, N75G/N175Q and N75G/N175Q/N252Q). In this work the

remaining knock out mutants involving N252 were constructed (AmPDH1 N252Q, N75G/N252Q and

N175Q/N252Q) by site directed mutagenesis of the templates AmPDH1 wt [22], AmPDH1 N75G and

AmPDH1 N175Q [23] in pPICZ-B, with the primers fwAmPDHN252Q and rvAmPDHN252Q (Table

S1). Additionally, a fourth glycosylation site at N319, which was previously only predicted but could

not be verified by mass spectroscopy, was knocked out as well. This was done by site directed and site

saturation mutagenesis. The site saturation mutagenesis library was created from the pdh1 gene of

Agaricus meleagris in pPICZ-B [22] by mutating position N319 with the primers fwAmPDHN319 and

rvAmPDHN319X. 200 clones of transformed Pichia pastoris were screened in microtiter plates for

functional expression of PDH with AmPDH1 wt as positive control and empty pPICZ-B vector as

negative control. Due to generally low enzymatic activity, compared to the negative control, the

results of the microtiter plate screening were ambiguous (data not shown). 9 clones of the apparent

best producers and 10 randomly chosen clones were sequenced. From those, 5 different mutants could

be identified (N319L, R, T, P and A). The remaining 14 mutants were created by site directed

mutagenesis using the primers fwAmPDHN319 and rvAmPDHN319, respectively, and the

complementary mutating primers listed in Table S1.

For improved expression conditions, compared to the microtiter plates, screening was also conducted

in shake flasks. All 19 AmPDH1 N319 variants were expressed in Pichia pastoris and compared to a

positive (AmPDH1 wt) and a negative control (pPICZ-B without pdh1 gene). Supernatant from all

mutant expressing clones showed very low or no discernible enzymatic activity in a ferrocenium ion

based assay. The only variants with a relative activity of more than 0.3%, compared to the wild type

enzyme, were AmPDH1 N319G (1.2%) and C (0.8%). These two variants, together with N319Q, were

chosen for rescreening in 1 L shake flask scale (Table 1). While overall yields were even lower than in

the previous screening, and decreased during longer expression duration, AmPDH1 N319G was

confirmed as poorly, but relatively best, expressed N319 variant.
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Table 1: Expression rescreening of AmPDH1 N319 C, G and Q in Pichia pastoris in
1 L shake flasks

Sample
Neg. control corrected

vol. activity Rel. activity to pos. control
24h after
induction

95h after
induction

24h after
induction

95h after
induction

[U ml-1] [U ml-1] [%] [%]
N319C 0.0005 -0.0001 0.10 -0.01
N319G 0.0013 0.0001 0.23 0.01
N319Q 0.0003 -0.0001 0.06 -0.01

N319N 0.5386 1.13758 100.00 100.00

Expression and purification of AmPDH1 variants
AmPDH1 N252Q, N75G/N252Q and N175Q/N252Q were expressed in methanol induced Pichia

pastoris in 7 L stirred-tank bioreactors and purified (Fig. 1, Table 2), to a specific activity of 33-46 U

mg-1. The other AmPDH1 mutants investigated in this work (N75G, N175Q, N75G/N175Q and

N75G/N175Q/N252Q) were expressed and purified previously [23]. Native AmPDH1 wt was purified

(Fig. 1, Table 2) from Agaricus meleagris supernatant (stored at -30°C) from Sygmund et al. [2]. Final

specific activity was comparable to previously published data [2].

Figure 1: SDS-Page of purified AmPDH1 wt from Graf et al. [20] (1), AmPDH1 N252Q
(2), N75G/252Q (3), N175Q/N252Q (4) and native AmPDH1 wt (5). Glycosylated
enzyme (1a-5a) is compared to enzyme deglycosylated with Endo Hf (1b-4b) and PNGase
F (5c), respectively. PNGase F without enzyme is shown separately (c).

HPLC-ESI-MS

N-glycosylated amino acids in recombinant AmPDH1 wt and knock out mutants were identified by

analysing Endo Hf digested enzymes after tryptic/chymotryptic digest by HPLC-ESI-MS. Endo Hf

digest leaves one N-acetylglucosamine (GlcNAc) residue at a modified site. N75, N175, N252 and N319

were found to be modified in the wild type. The AmPDH1 mutants (N75G, N175Q, N75G/N175Q and
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N75G/N175Q/N252Q from [23]; N252Q, N75G/N252Q, N175Q/N252Q from this work) were

confirmed to be not modified at the mutated sites while retaining N-glycosylation at the other sites

(Fig. S1).

Table 2: Purification of recombinant AmPDH1 N252Q, N75G/252Q and
N175Q/N252Q and native AmPDH1 wt from culture supernatant

Sample
Total

activity
Total

protein
Spec.

activity
Purif.
factor Recovery

AmPDH1 N252Q [U] [mg] [U mg-1] [x-fold] [%]
Culture supernatant 2635.8 905.7 2.9
Phenyl-Sepharose FF 600 ml 2546.8 182.7 13.9 4.8 97
DEAE-Sepharose FF 60 ml 1376.5 45.6 30.2 10.4 52
Phenyl-Source 70 ml, after
concentrating 883.6 19.4 45.6 15.7 34

AmPDH1 N75G/N252Q [U] [mg] [U mg-1] [x-fold] [%]
Culture supernatant 2063.6 1167.1 1.8
Phenyl-Sepharose FF 600 ml 1888.0 197.7 9.6 5.4 80
DEAE-Sepharose FF 60 ml 553.4 42.3 13.1 7.3 23
Phenyl-Source 70 ml, after
concentrating 562.1 16.0 35.2 19.7 24

AmPDH1 N175Q/N252Q [U] [mg] [U mg-1] [x-fold] [%]
Culture supernatant 1114.7 748.8 1.5
Phenyl-Sepharose FF 600 ml 1040.1 128.6 8.1 5.4 93
DEAE-Sepharose FF 60 ml 687.8 32.5 21.2 14.2 62
Phenyl-Source 70 ml, after
concentrating 312.2 9.4 33.2 22.3 28

Native AmPDH1 wt [U] [mg] [U mg-1] [x-fold] [%]
Culture supernatant 4426 241 18
Phenyl-Sepharose FF 600 ml 5676 121 47 2.6 128
DEAE-Sepharose FF 60 ml 3822 54 71 4.0 86
Superdex75 10/300 GL,
after concentrating 1914 21 91 5.3 43

The extent of N-glycosylation of native AmPDH1 wt and AmPDH1 wt expressed in Pichia pastoris

(from [22]), was analysed and compared by HPLC-ESI-MS. The distribution of glycosyl chain lengths

attached to the different N-glycosylation sites was quantified (Fig. 2; Table S2, Fig. S1). Interestingly

native AmPDH1 had only a single N-acetlhexosamine (HexNAc) at N175 and N252. At the other

positions (N75, N319) two HexNAcs with 5 to 11 hexose residues were found. The recombinant

AmPDH1 featured slightly longer glycosyl chains of 2 HexNAc with 5-13 hexose residues. The length
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distribution differed not only between the two variants but also between different sites of the same

variant. Only N319 showed a high similarity of the glycosylation pattern between native and

recombinant enzyme (predominantly 2 HexNAc, 7-9 hexoses). No N-glycosylation of N252 could be

found in fully glycosylated recombinant AmPDH1 even though Endo Hf deglycosylated AmPDH1

featured a modified N252 with an attached GlcNAc residue, like the other examined sites.

Figure 2: N-glycosylation pattern of AmPDH1 wt expressed by the native producer A.
meleagris [2] (black), and in the heterologous production system Pichia pastoris X33 [22]
(grey). The glycopeptides from tryptic digest were identified by HPLC-ESI-MS and
relative distributions were calculated based on peak areas.

Thermo-FAD

Thermal stability constants of the glycosylation site variants and AmPDH1 wt were determined by the

ThermoFAD protocol and compared (Fig. 3). Thereby the fluorescent capability of the enzyme

cofactor FAD is used to observe the unfolding of the active site by following the changes in the

fluorescence signal [26]. Three different pH environments were chosen: pH 5.5, which was closest to

the previously reported pH dependent thermostability maximum of AmPDH1 wt [27], the storage pH

6.5, and the standard assay pH 7.5. Tm decreased for all variants towards the higher pH values.

AmPDH1 N75G/N175Q and N75G/N175Q/N252Q were the only enzyme variants with a significantly

decreased Tm, by 4-7°C on average.

Figure 3:Tm of AmPDH1 and N-glycosylation site variants (2 mg ml-1) in sodium
phosphate buffer (app. 80 mM) of pH 5.5, 6.5 and 7.5, determined according to the
Thermo-FAD protocol [26,27].



Table 3: Apparent kinetic constants of N-glycosylation site variants. Assays were conducted at 30°C and pH 7.5 (sodium phosphate buffer 50
mM). e--donors were measured with 0.2 mM Fc+ and the e--acceptor in the presence of 25 mM D-glucose. *AmPDH1 wt was supplied by [22]

AmPDH1
wt

N75G
N175Q

N252Q

N75G/

N252Q
N175Q/
N252Q

N75G/
N175Q

N75G/
N175Q/
N252Q

kcat [s-1] [s-1] [s-1] [s-1] [s-1] [s-1] [s-1] [s-1]

Substrate
D-Glucose 36.6  0.5 * 45.3  8.1 48.1  0.9 50.8  2.0 40.8  0.6 45.4  1.5 36.0  0.8 49.7  2.2
D-Galactose 31.8  0.6 * 25.7  3.3 40.3  2.3 45.9  1.7 37.9  1.8 39.3  0.5 34.2  0.5 38.9  0.2
D-Mannose 27.4  0.6 * 22.1  1.1 40.8  2.1 41.9  0.7 31.5  0.3 33.5  0.7 35.0  2.7 27.0  2.0
Cellobiose 30.9  0.3 * 33.0  1.4 55.1  2.4 43.8  1.0 31.3  1.2 35.2  2.0 29.1  1.8 34.7  4.8

e--acceptor
Ferrocenium (pH 7.5) 87.4  6.1 * 65.8  18.4 125  56 66.3  1.7 54.6  3.9 50.7  4.7 44.8  6.5 54.2  5.5

Km [mM] [mM] [mM] [mM] [mM] [mM] [mM] [mM]

Substrate
D-Glucose 0.87  0.03 * 1.85  0.28 0.97  0.05 0.58  0.00 0.88  0.06 0.72  0.03 1.50  0.15 1.94  0.14
D-Galactose 1.00  0.02 * 2.19  0.23 1.10  0.19 0.80  0.06 1.14 0.04 0.86  0.03 3.09  0.00 3.55  0.14
D-Mannose 74.2  3.0 * 227  19 142  16 83.7  3.0 116  7 87.9  4.3 355  43 380  36
Cellobiose 6.69  7.10 * 7.10  1.66 8.13  0.35 5.52  0.54 6.38  0.76 5.70  0.88 4.74  0.32 5.72  1.47

e--acceptor
Ferrocenium (pH 7.5) 0.27  0.24 * 0.24  0.11 0.39  0.18 0.30  0.02 0.29  0.04 0.37  0.03 0.11  0.01 0.10  0.02
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Steady-state kinetic constants
AmPDH1 N75G, N175Q, N75G/N175Q (DM) and N75G/N175Q/252Q (TM) were from Yakovleva et

al. [23] and kinetic characterization was conducted subsequently to their purification, during this time

they were stored at 4°C. The AmPDH1 mutants expressed and purified in this work were stored at -

30°C. Storage of in-vitro deglycosylated AmPDH1 at 4°C was previously observed to increase the

enzymatic activity in the standard ferrocenium assay over time [10]. The mutants DM and TM showed

a similar behaviour. To make the determined apparent kcat values comparable, a correction factor,

based on reference standard activity assays from the same day, was applied to enzymes stored at 4°C

(Table S3).

Enzyme variants were tested with the standard substrate D-glucose, its C4-epimer D-galactose and its

C2-epimer D-mannose, the disaccharide cellobiose, as well as with the standard assay e--donor

ferrocenium (Table 3). Apparent kcat values were similar for all variants with those sugars and ranged

from 22-55 s-1. The apparent turnover numbers of ferrocenium with the variants were comparable to

the 87 s-1 of AmPDH1 wt. The affinities to the tested monosaccharides decreased up to five-fold for

DM and TM, and two- to three-fold for N75G. However, affinity towards cellobiose was not affected

and affinity towards ferrocenium was even modestly improved (two-fold) for those mutants. The other

variants showed no substantial changes in affinity.

Table 4: Flow Injection Amperometry of graphite electrodes modified with Os-
polymer and AmPDH variants. AmPDH1 wt (**: supplied by [22]), AmPDH1 N252Q,
N75G/252Q and N175Q/N252Q were tested. Eappl.=444 mV vs. NHE, v=0.5 ml min-1, pH
7.4 (sodium phosphate buffer 50 mM, 137 mM NaCl), sample injection: 50 µl D-glucose
at varying concentrations. For comparison previously published jmax and Km

app from
AmPDH1 mutants [23] are included and marked by “*”

AmPDH1 N75G* N75G/ N75G/ N75G/
Wt** N175Q* N175Q/ N175Q* N175Q/

N252Q N252Q N252Q N252Q*

jmax
[µA cm-2]

31.2
± 8.6**

2.5
± 0.1 *

20.9
± 0.7 *

26.3
± 9.8

71.7
± 8.3

13.2
± 2.0

290.1
± 15.9 *

51.7
± 0.6 *

Km
app

[mM]
2.6

± 0.7**
5.9

± 0.2 *
3.8

± 0.4 *
0.6

± 0.2
1.8

± 0 3
1.3

± 0.3
2.1

± 0.2 *
4.4

± 0.6 *

Flow Injection Amperometry
The AmPDH1 variants created in this work (N252Q, N75G/N252Q, N175Q/N252Q) and wild type

enzyme (from [22]), as reference, were also tested for catalytic current on graphite electrodes.

[Os(dmbpy)2(PVI)10Cl]+2/+ was used as mediator and Flow Injection Amperometry was conducted

under the same conditions as the previously published variants [23], with D-glucose as substrate. As
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the previously chosen graphite electrodes were not produced anymore, equivalent electrodes from Alfa

Aesar & Co KG were used. Table 4 shows determined jmax and Km
app of variants from this work and

compares them to the other variants tested by Yakovleva et al. [23] and the wild type.

Alignment of structurally related enzymes to AmPDH1 and structural comparison
Polar interactions by N319, the resolved sugar moieties and neighbouring amino acids in the AmPDH1

crystal structure 4H7U [18] were predicted using Pymol 1.3 and are shown in Fig. 4. The glycosylated

N319 was at the C-terminal end of the FAD binding Rossman-fold [18,19], surrounded by 3 segments

of the other conserved domain (GMC_oxred_C): its N-terminal end (I), a loop leading to the central

active site residue H512 (II) and a loop close to its C-terminal end (III). The C- and N-terminal segment

of GMC_oxred_C and N319 were connected by polar interactions via R433. The two resolved GlcNAc

residues covalently linked to N319 interacted with the peripheral and exposed loop of GMC_oxred_C

(II) via polar interaction with S525 and a planar/planar interaction with W526, according to the MSDSite

database [33].

Figure 4: AmPDH1 crystal structure 4H7U from Tan et al. [18] (A) showing the 4 N-
glycosylation sites (N75, N175, N252 and N319) whereas one GlcNAc could be resolved at
N75 and 2 GlcNAc bound to N319. (B) Detailed view of the surrounding of N319 and the
interaction of the glycosyl moity with the polypeptide chain.

Structural alignment of 4H7U in the RCSB-pdb-database [34,35] listed 15 significant results. 8 of

them were manually reviewed members of the GMC structural family (SwissProt database) and the

other 6 annotated as such by TrEMBL. aryl-alcohol oxidase (PDB-ID: 3FIM, UniProt-ID: O94219)

had, as previously reported [18], the most similar protein structure. AmPDH1 was aligned via the

inbuilt sequence alignment tool with those other 15 enzymes (Fasta S1) and all 192 manually reviewed

members of the GMC family of oxidoreductases from Uniprot database (Fasta S2) [36]. Among the

aligned enzymes all pyranose dehydrogenases (Uniprot-ID: Q3L245, Q3L1D1, Q3L243, Q0R4L2,

V5NC32, V5NDL4) and aryl-alcohol oxidase (O94219) had an N-glycosylation consensus sequence

and a concomitant aromatic residue equivalent to AmPDH1 N319SL and W526, respectively. There was
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no aromatic amino acid counterpart to W526 in any of the other enzymes except for the two alcohol

oxidases of Pichia pastoris (AOX1, AOX2). However, an N-glycosylation consensus sequence in a

homologous location to N319 was only found in Aspergillus nidulans pyranose-2-oxidase among the

other enzymes.

Figure 5: Structural alignment of related proteins to AmPDH1 (4H7UAa) by Pymol
1.3. The amino acid backbone between AmPDH1 H512 and V529 was compared to the
equivalent peptide chain of Pleurotus eryngii aryl-alcohol oxidase (A; 3FIMba), Pichia
pastoris alcohol oxidase 1 (B; 5HSAAa), glucose oxidases (C; Aspergillus niger:
3QVPAa, Aspergillus flavus: 4YNUAa), cellobiose dehydrogenases (D; Phanerochaete
chrysosporium: d1kdga1, Neurospora crassa: 4QI7Ac, Myriococcum thermophilum:
4QI5Aa), Trametes ochracea pyranose 2-oxidase (E; 3PL8Aa), and two other enzymes
(F; Prunus dulcis hydroxynitrile lyase: d1ju2a1, Aspergillus oryzae formate oxidase:
3Q9TAa). W526/N-glycosylation site N319 and potential homologs are shown, where
present.

All eukaryotic crystal structures homologous to AmPDH1 were aligned and visualized with Pymol 1.3.

In Fig. 5 the GMC_oxred_C: II loop between the conserved active site H512 and V529 was compared to

those of aryl-alcohol oxidase (Pleurotus eryngii, PDB-ID: 3FIM) [37], alcohol oxidase 1 (Pichia

pastoris, PDB-ID: 5HSA) [17], glucose oxidases (Aspergillus niger, PDB-ID: 3QVP; Aspergillus

flavus, PDB-ID: 4YNU) [38,39], cellobiose dehydrogenases (Phanerochaete chrysosporium, PDB-ID:

1KDG; Neurospora crassa, PDB-ID: 4QI7; Myriococcum thermophilum, PDB-ID: 4QI5) [40-42],

pyranose 2-oxidase (Trametes ochracea, PDB-ID: 3PL8) [43], and two other enzymes (Prunus dulcis

hydroxynitrile lyase, PDB-ID: 1JU2, Aspergillus oryzae formate oxidase, PDB-ID: 3Q9T) [44,45].

Aryl-alcohol oxidase has an almost identical loop backbone with the same tryptophan motive and
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N319SL consensus sequence as AmPDH1. On the other side Pichia pastoris alcohol oxidase 1, which

features a homologous tryptophan but no homologous N-glycosylation site in the sequence alignment,

has the most deviating loop from all visualized structures. It takes up the space which is occupied by

the GlycNAcs in the AmPDH1 structure.

Discussion
N-glycosylation of AmPDH1 and heterologous expression
Pichia pastoris is known to overglycosylate to a lesser extent than Saccharomyces cerevisiae but was

nonetheless observed to do so [21]. The higher sugar content of recombinant AmPDH1 (30%, m/m)

compared to native AmPDH1 (7%, m/m), was therefore not surprising. Improved current output for

electrodes modified with deglycosylated AmPDH1 or the N-glycosylation site variant AmPDH1

N75G/N175Q [9,23] highlighted, however, that N-glycosylation can have a significant impact on the

performance of enzymatic systems. This was confirmed by the recent biofuel cell prototype employing

AmPDH1 for the anode, where deglycosylated enzyme lead to approximately 10-fold increased jmax

over glycosylated one [15].

In this work, N-glycosylation of AmPDH1, recombinantly expressed in Pichia pastoris, was

investigated in greater detail and a systematic set of functionally expressible N-glycosylation knock

out mutants was characterized. Yakovleva et al., could already confirm the N-glycosylation of the

AmPDH1 consensus sequences N75, N175 and N252 [10]. N-glycosylation of N319 was predicted with a

low likelihood but in the AmPDH1 crystal structure from Tan et al. (PDB-ID: 4H7U) [18],

modifications of N75 and N319 could be partially resolved, featuring two core GlcNAcs at N319 and one

at N75 (Fig. 4). The modification of N319 remained unverified by mass spectrometry however, as the

respective peptide could not be identified with two different mass-spectrometry systems [10].

Therefore, Endo Hf digested AmPDH1 was analysed again in this work, using a different system

(Dionex UltiMate 300 LC). The peptide containing N319 had a surprisingly long retention time on the

HPLC column but could be identified and was shown to be N-glycosylated as well.

To clarify the differences in the N-glycosylation pattern of these 4 N-glycosylation sites of

recombinant AmPDH1 wt and native AmPDH1, the glycosylated enzymes were analysed by HPLC-

ESI-MS as well. The length of the found glycosyl moieties and their prevalence was determined for

each N-glycosylation site. Peculiar single HexNAcs at N175 and N252 of native AmPDH1 were in line

with previous reports of secreted fungal enzymes [46,47]. Cleavage by co-expressed fungal

endoglycosidases was suggested, but the biological function of this phenomenon remains unknown.

Interestingly only two out of the four sites were modified in this way in native AmPDH1. N-

glycosylation of N75 and N319, which appeared less exposed and could be partially resolved in the
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crystal structure 4H7U [18], was predominantly modified according to fungal type N-glycosylation as

described by Archer and Peberdy [48]. The recombinantly expressed AmPDH1 featured, as expected,

no single HexNAcs and its N-glycosylation pattern was compatible to previous studies of

heterologously expressed enzymes in Pichia pastoris [49,50]. However, even though N252 was found

to be modified in Endo Hf deglycosylated PDH, no modified peptide containing N252 could be

identified from glycosylated PDH. Hyperglycosylation of this site is a possible explanation for this

behaviour as the glycosylated peptide could be too heavy and too heterogeneous for detection in

HPLC-ESI-MS, while the peptide with the single remaining HexNAc was detectable. This hypothesis

is supported by previous results with N-glycosylation knock out mutants AmPDH1 N75G/N175Q and

N75G/N175Q/N252Q [23]. While the former formed a broad smear on an SDS-PAGE, comparable to

the recombinantly expressed wild type enzyme, the latter appeared as a well-defined band at ~65 kDa,

indicating that hyperglycosylation specifically happens at N252. This was confirmed by the single site

mutant AmPDH1 N252Q described in this work, which also formed a sharp band at around 70 kDa.

The N-glycosylation site N319 differed from the others. Its glycosylation pattern in homologous and

heterologous expression was remarkably similar, and while knock out mutants of N75, N175 and N252

could be expressed efficiently in Pichia pastoris (this work and [23]), no N319 knock out variant could

be expressed at levels sufficient for purification and further study. N319 may be remotely located in the

AmPDH1 crystal structure (PDB-ID: 4H7U), seen from the active site access (Fig. 4), but it appears to

be at a central point of polar inter-domain interactions. However, rather than N319 directly, the

covalently bound resolved core GlcNAcs interact with the exposed adjacent loop GMC_oxred_C: II

via planar-planar interaction towards W526 and polar interaction with S525. This is in line with the

known carbohydrate binding capability of aromatic amino acids and especially tryptophan [51]. The

N319SL consensus sequence/W526 combination was conserved in all characterized PDHs but not found

in any other protein except for the structurally closely related aryl-alcohol oxidase. The structure of

Pichia pastoris alcohol oxidase 1 suggests that the presence of a homologous tryptophan could

facilitate a dramatically different loop confirmation in the absence of the concomitant N-glycosylation.

Exchange of N319 and consequently missing glycosyl residues could therefore result in non-functional

or unstable alternative folding patterns and prevent secretion of functional enzyme by the expression

host Pichia pastoris. N319 has thus to be considered an indispensable glycosylation site in eurkaryotic

expression hosts (and in the wild-type enzyme). In the non-N-glycosylating prokaryotic host

Escherichia coli AmPDH1 and aryl-alcohol oxidase were expressed as inactive inclusion bodies. An

in-vitro refolding procedure for the activation of aryl-alcohol oxidase inclusion bodies has been

described [22,52]. This strategy has not been attempted for AmPDH1 to this date but could be

promising. Functional expression of an N319 AmPDH1 knock out mutant could require more extensive

site directed or site saturation mutagenesis, of among others W526, S525 or a mimicking of the

GMC_oxred_C II loop sequence from structurally related enzymes without the N319SL consensus
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sequence. It has to be noted that for the purpose of a more efficient electron transfer to electrode

surfaces, a glycosyl moiety consisting of two HexNAc residues attached to N319 should not be a

hindrance, as it is largely buried in a fold of the protein and oriented away from the active site access.

AmPDH1 variant stability and enzymatic activity
Tm values of the wild type enzyme were in line with previous experiments [20,27] and only variants

devoid of both glycosylation sites near the active site entrance (N75 and N175) deviated by a moderately

reduced thermostability. Interestingly this effect could not be observed with only one missing N-

glycosyl modification, and not with other double mutants (N75G/N252Q and N175Q/N252Q). This

suggests a less stable active site entrance in the absence of both N-glycosyl groups in its vicinity.

Apparent kinetic constants in photometric redox assays were determined with the substrates D-glucose

and cellobiose that had been shown to induce PDH expression in A. meleagris [16], and two epimers

of D-glucose. Knocking out N-glycosylation sites caused no substantial change in catalytic turnover

numbers but moderately reduced affinity towards most sugars, especially towards the D-glucose

epimers. This is in line with the non-mutated active site but modified active site access environment.

Selected N-glycosylation knock out mutants involving mutations around the active site access (N75G,

N175Q, N75G/N175Q and N75G/N175Q/N252Q) were already studied on Os-polymer modified

graphite electrodes in Flow Injection Amperometry for electric current output by Yakovleva et al.

[23]. The remaining functionally expressible mutants were tested in an equivalent setup in this work

(N252Q, N75G/N252Q, N175Q/N252Q) and compared to AmPDH1 wt. Only the double mutant

lacking the N-glycosylation around the active site access (N75 and N175) achieved substantially higher

electric current than the wild type enzyme. Knocking out N252, which is the apparent location of most

of the recombinant enzyme’s overglycosylation, did not improve the performance of the enzyme on

the Os-modified electrode. It appears therefore that a better accessibility of the active site by the Os-

complexes improves electrode performance but overglycosylation on the far side of the enzyme does

not negatively affect performance.
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Discussion

As previously pointed out, pyranose dehydrogenase is a promising enzyme for enzymatic anodes due

to the broad range of sugars it can oxidize, its ability of dioxidation of substrates, and because it does

not utilize oxygen as electron acceptor. The primary aim of this work was to employ enzyme

engineering of pyranose dehydrogenase to improve its performance on modified anodes.

Choice of target pyranose dehydrogenase for rational engineering

As a starting point, the most promising pyranose dehydrogenase (PDH) variant was identified as basis

for further engineering. Purification from native producers of pyranose dehydrogenase is laborious

with low yields. Furthermore, rational enzyme engineering also relies on efficient methods of genetic

engineering, which commended yeast or bacterial expression systems, rather than fungi. Even though

the first pyranose dehydrogenase was published by Volc et al. already in 1997 [1], the first

recombinant expression of pdh was not described before 2009 in another fungus, Aspergillus niger [2].

Subsequently, in 2011, Sygmund et al. reported the first expression of pdh in the yeast Pichia pastoris

[3]. It was shown that pdh in combination with the commonly employed Saccharomyces cerevisiae

α-pre-pro-factor leader sequence, for production of secreted proteins in yeast, did not yield detectable

functional enzyme in the supernatant. However, secretory expression of pdh1 from Agaricus meleagris

in yeast could be achieved with the native fungal leader sequence, instead. Based on this strategy,

alternative variants of pyranose dehydrogenase, from Agaricus xanthoderma (AxPDH) and Agaricus

campestris (AcPDH) were successfully produced by Staudigl et al. in Pichia pastoris [4]. In this work,

pyranose dehydrogenase from Agaricus bisporus (AbPDH) was also recombinantly produced in the

same recombinant production system and characterized with a focus on comparison of steady-state

kinetics and enzyme stability to the other previously produced and characterized variants. The four

compared variants are closely related with a sequence identity of >70% and could therefore be also

structurally compared via homology modelling based on the single available PDH crystal structure

4H7U [5] from Agaricus meleagris pyranose dehydrogenase 1 (AmPDH1).

Enzyme stability of recombinant AbPDH was compared to native AmPDH1 [3] and AxPDH [6], as no

information on the stability of the recombinant variants was reported. It was overall less stable than

the other two at high temperatures and in basic pH, with AxPDH exhibiting the highest temperature

optimum of the three, at 75°C. However, all three showed good stability at moderate conditions.

Under standard steady-state conditions (pH 7.5, 30°C) AmPDH1 [3,7] and AbPDH had the generally

highest turnover numbers and oxidized a broad range of sugars. AbPDH showed a moderately higher

affinity towards tested disaccharides, such as cellobiose and maltose, but lower affinity to
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monosaccharides compared to AmPDH1. In both cases, however, AmPDH1 exhibited similar or

moderately higher catalytic turnover numbers than AbPDH. The two other variants, AxPDH and

AcPDH [4], had a narrower substrate range. This was the most pronounced for AcPDH, where

catalytic efficiency with all tested alternative sugars was substantially lower than with D-glucose.

Unlike the other 3 variants it also showed low affinity to the tested metallo-complex e--acceptor

ferrocenium ion.

The structural analysis of the homology models revealed that the active site residues were highly

conserved in all PDH variants. On the peripheral side of the substrate pocket, however, there were

substantial differences. AbPDH was the only variant with a small non-polar amino acid in the

equivalent position of AmPDH1 Phe533, which could facilitate the accommodation of large substrates.

Substrate promiscuity of the different variants appeared to correlate with the absence of certain

charged residues in the active site pocket, as in AxPDH and AcPDH the equivalent residue to AmPDH1

Phe533 was charged. Additionally, the suggested gating segment in AmPDH1 and AbPDH did not

feature a charged amino acid, while it did in AxPDH and AcPDH.

As a broad substrate range is considered one of the defining advantages of pyranose dehydrogenase

for use in enzymatic bio-fuel cells, AmPDH1 and AbPDH were preferential targets for rational

engineering. Whereby, AmPDH1 exhibited higher enzyme stability and similar or moderately better

catalytic efficiencies. Additionally, it is the best studied variant to date and its crystal structure has

been resolved. Therefore it was chosen as the focus for subsequent work.

Rational enzyme engineering strategy

As described in the introduction, N-glycosylation of secreted enzymes can be disadvantageous for

performance of enzyme modified electrodes. Therefore, increased maximum current densities could be

achieved when the applied oxidoreductases were expressed in non N-glycosylating recombinant

production hosts, or when N-glycosylated proteins were in-vitro deglycosylated by endoglycosidases

[8,9].

AmPDH1 is a secreted N-glycosylated oxidoreductase but it could not be expressed in the

non-N-glycosylating production system Escherichia coli, to date. Therefore, Yakovleva et al. in-vitro

deglycosylated purified enzyme produced in Pichia pastoris with the endoglycosidase Endo Hf, which

cleaves off high mannose type N-glycans, leaving single N-acetylglucosamine residues attached to N-

glycosylation sites. Graphite electrodes modified with Os-polymer and deglycosylated AmPDH1

(dgAmPDH1) had a two-fold increased maximum current density compared to equivalent electrodes

with glycosylated AmPDH1 [10]. This demonstrated that reduced N-glycosylation could be beneficial
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for pyranose dehydrogenase as well. However, in-vitro deglycosylation relies on costly

endoglycosidases, and adds further preparatory steps to enzyme production. An alternative to non-N-

glycosylating expression hosts and in-vitro deglycosylation is the creation of knock-out mutants where

the Asn of the N-glycosylation sequon is replaced by another residue. This enables production of

enzymes with reduced N-glycosylation in Pichia pastoris without the need for additional modification

steps. Furthermore, it allows the knock-out of specific N-glycosylation sites, instead of the

indiscriminate removal of N-glycans from all sites by in-vitro deglycosylation.

To knock out the N-glycosylation sites they need to be identified first. In AmPDH1 four of them were

found. N75, N175 and N252 had been previously confirmed by MALDI-MS [10]. The crystal structure

4H7U however, indicated an additional site, N319, which could be finally verified in this work by

HPLC-ESI-MS. Two of these sites, N75 and N175, were located in the vicinity of the active site

entrance. N252 was remote and strongly exposed, while N319 was much less accessible. The partially N-

glycosylated variants were created by replacing the Asn of these N-glycosylation sites with Gln or

Gly.

Of the four N-glycosylation sites, only N319 appeared to be essential for functional expression in

Pichia pastoris, as replacing this Asn with any other amino acid lead to production levels insufficient

for further study. From the remaining 3 N-glycosylation sites a systematic set of possible

combinations of knock-out mutants was created, expressed in Pichia pastoris, and the impact of partial

N-glycosylation on enzyme stability and steady state kinetics in solution of the produced variants was

investigated. Partially glycosylated AmPDH1 / Os-polymer modified graphite electrodes were

prepared with the different variants and tested for increased maximum current densities in a flow

injection system.

N-glycosylation pattern of glycosylated and partially glycosylated AmPDH1

As described in the introduction, AmPDH1 is overglycosylated by the recombinant production host

Pichia pastoris compared to enzyme from the native producer Agaricus meleagris [3]. To clarify the

differences in N-glycosylation between native and recombinant AmPDH1, both were investigated by

HPLC-ESI-MS. The four sites of native AmPDH1 were modified in line with previously described

fungal type N-glycosylation [11–13], but modification varied heavily between individual sites. The

two more exposed sites N175 and N252 were featuring only single N-acetylhexosamine residues. N75 and

N319 on the other side were glycosylated with 2 N- acetylhexosamine and 5-11 hexose residues.

Pichia pastoris was, as expected, not found to form any of these peculiar single N-acetylhexosamine

modifications. N75 and N175, which are close to the active site entrance, were N-glycosylated to a larger
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extend in recombinant enzyme than in native one, yet appeared to be still of the core-type N-

glycosylation, with less than 15 hexose resides per N-glycan.

N319, the only apparently essential N-glycosylation site for recombinant production of AmPDH1, was

interestingly also the only site which was N-glycosylated to a similar extend by Pichia pastoris and

the native producer Agaricus meleagris alike. The crystal structure 4H7U [5] shows that N319 is

located at the back side of the enzyme, seen from the active site entrance, where the two conserved

domains of PDH (GMC_oxred_C and GMC_oxred_N) form noncovalent bonds via polar interactions.

Two N-acetylglucosamine residues could be resolved at the site N319 and they were part of these non-

covalent inter-domain contacts. W526 and S525, from an adjacent exposed loop (GMC_oxred_C: II),

were interacting with them via planar-planar and polar interaction, respectively. This AmPDH1

N319SL / W526 motif was conserved in all known pyranose dehydrogenase genes. However the only

other manually annotated member of the GMC structural family with an equivalent motif was aryl-

alcohol oxidase (AAO), which is especially closely structurally related to AmPDH1 [5]. Pichia

pastoris alcohol oxidase (AOX) on the other side had the only structurally related resolved crystal

structure with an equivalent tryptophan residue but without a counterpart equivalent to the N-

glycosylation site N319SL. Interestingly, it also had the most dramatically differing loop conformation.

These findings suggest that the N319SL / W526 motif is highly conserved in pyranose dehydrogenase

but not in other members of the GMC structural family and that a lack of N-glycosylation of N319 in

AmPDH1 could lead to an alternative conformation of the loop GMC_oxred_C: II, and as consequence

to terminally misfolded proteins. Therefore, it has to be considered an essential N-glycosylation site

for eukaryotic expression. Lack of modification of this site, and its equivalent in aryl-alcohol oxidase,

could also be the reason why both enzymes are expressed as non-functional inclusion bodies in the

non-N-glycosylating prokaryotic production host Escherichia coli. Production of a fully non-

glycosylated AmPDH1 may therefore not be easily possible. Successful in-vitro refolding has been

reported for aryl-alcohol oxidase produced in Escherichia coli, however. This was not attempted with

AmPDH1 to date. An alternative approach for producing completely non-glycosylated AmPDH1 could

be replacing W526 and S525 with non-polar amino acids or a more extensive engineering of the

GMC_oxred_C: II loop.

The fourth N-glycosylation site, N252, was not found to be modified at all in the glycosylated

recombinant AmPDH1 by HPLC-ESI-MS, in contrast to the other sites. This contradicted results from

Endo Hf deglycosylated AmPDH1. The single N-acetylhexosamine, left in place by in-vitro

deglycosylation with Endo Hf, could be identified at all 4 N-glycosylation sites, including N252, which

were therefore found to be modified. Hyperglycosylation could explain these apparently contradictory

results. N-glycans from hyperglycosylated sites could be too heterogenic and too heavy to be

detectable by HPLC-ESI-MS. Analysis of the purified partially glycosylated AmPDH1 variants by

SDS-Page supported this hypothesis. Only variants with N252 knocked out formed a well-defined band
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around 70 kDa while all the other variants formed a broad smear comparable to the recombinantly

produced wild type AmPDH1. Therefore, N252 appears to be the only hyperglycosylated site of

recombinant AmPDH1.

Stability and catalytic activity of partially N-glycosylated AmPDH1 variants

Only simultaneously knocking out the two N-glycosylation sites close to the active site entrance, N75

and N175, caused a moderate decrease in Tm, as determined by ThermoFAD protocol. The thermal

stability of all variants, other than AmPDH1 N75G/N175Q and AmPDH1 N75G/N175Q/N252Q

differed therefore not significantly from the thermal stability of the recombinant wild type enzyme.

This suggests that the presence of at least one of the two N-glycans close to the active site entrance

stabilizes it and thereby increases the thermostability of the enzyme. However, even in the absence of

both N-glycans, Tm remained above 60°C under the tested conditions.

Steady state kinetic measurements in solution did not show a substantial change of turnover numbers

and moderate changes in substrate affinities of the partially glycosylated AmPDH1 variants. This was

expected as the active site remained unchanged, while its larger environment was modified by the

removal of N-glycans.

Performance of partially N-glycosylated AmPDH1 / Os-polymer electrodes

All produced partially glycosylated AmPDH1 variants were tested in flow injection systems on

Os(dmbpy)-PVI modified graphite electrodes for improved current densities. AmPDH1 N75G/N175Q

based electrodes had a maximum current density of 290 µA cm-2, which is approximately 10-fold

higher than that of equivalent electrodes based on recombinant wild type AmPDH1 (Jmax = 31 µA cm-2)

and comparable to those based on in-vitro deglycosylated AmPDH1 (Jmax =146 µA cm-2) [14].

Removal of the two N-glycans close to the active site entrance, simultaneously, and a thus improved

accessibility of the active site could explain the moderately decreased thermal stability in solution as

well as an improved electron transfer from the enzyme’s active site to the Os-complexes. Surprisingly,

the variant AmPDH1 N75G/N175Q/N252Q did not replicate this improved current density. Also the

other variants with missing N-glycan at N252 did not yield substantial improvement of achievable

current densities. This suggests that in-vitro deglycosylated recombinant AmPDH is not performing

better because of the removal of hyperglycosylation as such, and a thus reduced enzyme volume, but

due to the removal of specific core type glycosylated sites hindering access to the active site pocket.
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Graphite electrodes were also co-modified with AmPDH1 N75G/N175Q and the alternative

Os(bpy)PVI- based polymer. This Os-polymer had a higher E°’ than polymers based on

Os(dmbpy)PVI, which is disadvantageous for the application in enzymatic biofuel cell anodes, but

also enabled an increase in maximum current density to 802 µA cm-2.

Conclusion and outlook

Pyranose dehydrogenase was engineered for use in enzyme / Os-polymer modified electrodes. To this

end, a systematic set of partially N-glycosylated variants was created. AmPDH1 N75G/N175Q /

[Os(dmbpy)2(PVI)10Cl]+2/+ modified graphite electrodes yielded approximately 10-fold increased

maximum current densities (290 µA cm-2) than equivalent electrodes with the wild type enzyme. This

engineered AmPDH1 variant has yet to be tested in a complete enzymatic bio-fuel cell prototype.

However, a very recent glucose/O2 fuel cell prototype was reported by Ó Conghaile et al., with a

maximum power output 275 µW cm−2 at a cell voltage of 0.3 V, which employed in-vitro

deglycosylated AmPDH1 [15]. This, in combination with the results presented in this thesis,

recommend AmPDH1 N75G/N175Q for application to enzymatic biofuel cells in future work.
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